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ADbstract: The cell membrane is one of the most complicated biological complexes,

and long-term fierce debates regarding the cell membrane persist because of technical
hurdles. With the rapid development of nanotechnology and single-molecule
techniques, our understanding of cell membranes has substantially increased. Atomic
force microscopy (AFM) has provided several unprecedented advances (e.g., high
resolution, three-dimensional and in situ measurements) in the study of cell
membranes and has been used to systematically dissect the membrane structure in situ
from both sides of membranes; as a result, novel models of cell membranes have
recently been proposed. This review summarizes the new progress regarding
membrane structure using in situ AFM and single-molecule force spectroscopy
(SMFS), which may shed light on the study of the structure and functions of cell

membranes.

1. Introduction

Cell membranes (or plasma membranes), the outermost layer of a cell, separate the
cell from the environment.' Cell membranes are involved in various functions, such as
the provision of a stable internal environment, transportation of substances between
cells and the environment, energy conversion, and signal transduction.””* The cell
membrane is one of the most attractive topics for multidisciplinary studies, including
studies that combine chemistry, biology and physics. For chemists, cell membranes
are supermolecular structures that contain thousands of types of lipids, proteins and
saccharides.” Biologists consider cell membranes to be the first barrier to defend cells
from external harms, and cell membranes are related to multiple functions and
diseases.” From a physicists’ point of view, how the basic atoms and molecules can
form a multi-functional and high-efficiency system is related to the origin of life.’
After the basic structure (DNA and protein) was decrypted, scientists have paid more
attention to the structure and function of whole supermolecular complexes, such as
cell membranes and chromatin;®'® however, these studies are extremely challenging
with our current technologies.

Cell membranes are large complexes that consist of vast lipids, saccharides and
proteins (Figure 1)."" Membrane lipids with both hydrophilic and hydropholic regions
mainly include phosphoglycerides (e.g. dioleoyl phosphatidic acid, phosphatidic acid,
phosphatidylcholine, phosphatidylethanolamine, phosphatidylserine,
phosphatidylinositols), sphingolipids (ceramide, sphingomyelin, glycosphingolipid)

and sterol lipids (e.g. cholesterol) (Figure 1a).!' Membrane carbohydrates consist of
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mannose, galactose, N-acetylglucosamine, glucose, fucose, N-acetylgalactosamine,
sialic acid, and so on (Figure 1b).'* Membrane proteins refer to transporters, receptors,
enzymes and anchor proteins (Figure lc).'' In a cell, 25-40% of the proteins are
associated with membranes;> membrane proteins, lipids and saccharides occupy
approximately 50, 40 and 2-10%, respectively, of the mass of cell membranes.'
Thousands of types of membrane proteins, lipids and saccharides have been

14-15
However, where

characterized using proteomic and mass spectroscopy analyses.
and how these elementary units (lipids, proteins and saccharides) are located in cell
membranes have mainly remained unclear and controversial since the cell membranes
were discovered.

Debates regarding the structure of cell membranes have a long history. Technical
developments are always the basis of new understandings of cell membrane structure.
Using simple extraction and Langmuir methods in 1925,'° Gorter and Grendel
extracted the lipid from a known number of erythrocytes and measured the lipid area,
thereby concluding that the membrane consists of a double lipid layer. As a result, the
famous term “lipid bilayer” was coined, which became a milestone in the study of
membrane structure. To date, the location of proteins in the lipid bilayer has become a
challenging and controversial topic regarding membrane structure.

17-18 .
Danielli

After Cole and Harvey measured the surface tension of various cells,
and Davson proposed a sandwich membrane model (the Davson-Danielli model or the
protein-lipid-protein model);'’ in this model, the lipid layer is covered by a protein
layer on both sides. This model implies that the protein layer does not interact with
the hydrophobic parts of the lipid bilayer and that the protein layer forms by simple
physical adsorption. Because of the limits in the techniques 80 years ago, the
Davson-Danielli model is not well supported by experimental data. With the
development of electron microscopy (EM), more direct evidence regarding
membranes was obtained in the 1950s. Sjostrand et al. demonstrated that two dark
bands were separated by a light band after staining with heavy metals.”” Robertson
subsequently interpreted the dark electron-dense bands as the lipid headgroups
associated with protein layers *' and proposed the “unit membrane” model (similar
concept as the Davson-Danielli model), in which the lipid bilayer is located between
two protein layers. Since then, the bilayer structure has been universally assigned to
all membrane systems, including cell membranes and cellular organelle membranes.
The Davson-Danielli model predominated until 1972, when Singer and Nicolson
proposed the fluid mosaic model (FMM).?

With the development of the freeze-fracture technique and immuno-EM,

researchers identified antibody-recognizing isolated membrane proteins and proteins
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that spanned the lipid bilayer. Thus, Singer and Nicolson proposed the FMM with an
isolated protein domain in the lipid bilayer in 1972 (Figure 2a);** this model
emphasizes the fluidity of the membrane and the mosaic nature of proteins. The FMM
positions the membrane proteins at appropriate locations (transmembrane), which is
supported by experimental evidence (the freeze-fracture technique and immuno-EM).
The FMM contributes to the dynamic features of cell membranes and has dominated
to date.

However, because antibodies cannot detect the localization of all membrane
proteins (immuno-EM only detects the separated proteins in the membrane), the FMM
included a scheme in which monomeric membrane proteins randomly float in the sea
of the lipid bilayer at low concentrations; the exposed hydrophobic side chains of
these proteins span the lipid bilayer, and the bilayer surface is directly exposed to the
aqueous environment. With additional evidence from protein structure, computer
simulations and EM, Engelman updated the FMM to include more proteins in the
membrane in 2005 (Figure 2b).”

The FMM successfully explains some characteristics, as indicated by the name of
the model, of cell membranes, such as fluidity and protein mosaicism; however, it is
not suitable to explain membrane functions, such as multiple protein-associated signal
transduction and membrane endocytosis. With substantial evidence regarding protein
clusters from biophysical studies (e.g., centrifugation, detergent extraction and
cholesterol depletion by methyl-beta-cyclodextrin (MPCD)),** the lipid raft model
(Figure 3 *°), which implies that proteins exist in cholesterol-enriched domains to
perform multiple functions (signal transduction, membrane trafficking), was proposed
to interpret the multiple functions of transmembrane proteins in 1997.%° The recent
development of super-resolution imaging further confirmed the existence of lipid

2728
rafts.

However, the composition of lipid rafts and the interactions between
multiple rafts remain far from clear. The statement “Do not study lipid rafts because
they are uncertain” by some biophysicists represents the controversial state of lipid
rafts.

The long history of cell membrane studies indicates that the membrane structure is
far from completely understood. The major problem is the limitation of research
approaches. Ex situ or indirect evidences were typically used to predict the structure
of cell membranes. Therefore, high-resolution, in situ and direct observation
techniques are highly desirable in the study of the whole membrane structure. In
recent years, emerging single-molecule technologies (e.g., atomic force microscopy
(AFM), single-molecule force spectroscopy (SMEFS), and single-molecule

29-32

fluorescence microscopy ) have provided an unprecedented opportunity to study
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the structure of cell membranes at the single-molecule level.

AFM has been widely used in the study of biological samples.”>* With a
nanometer resolution, AFM can provide three-dimensional structural information
regarding biomacromolecules at the single-molecule level.”> The sample preparation
for AFM is relatively simple without complicated processing. AFM imaging of
biological samples in liquid environments (especially combined with in situ
enzymology) provides dynamic information regarding biological molecules under
nearly physiological conditions.’® These advantages have made AFM a powerful tool
in cell biology (Table 1).*” In addition, SMFS is a highly sensitive method to measure
intermolecular forces down to the piconewton level.”®* In this review, we will
summarize the progress of AFM and SMFS in the study of the structure and function
of cell membranes at the single-molecule level, and novel models for the study of cell

membranes will be discussed.

2. Principle of AFM and related techniques

2.1 AFM

AFM, which was invented in 1986 by Binnig et al.,*' is an important member of the
family of scanning probe microscopy techniques and provides molecular-scale
imaging of non-conducting materials. In contrast to optical microscopy and EM, AFM
overcomes the wavelength limit of to provide images of samples in various
environments (vacuum, atmosphere, and liquid) with three-dimensional
topography.***

respectively.** AFM has been used in various areas of science and technology with

The lateral and vertical resolutions of AFM reach 1 nm and 0.1 nm,

excellent results.

The setup and working principle of AFM is shown in Figure 4; a sample is imaged
using a tiny tip on a cantilever that detects the weak interactions between the tip and
the sample surface. As the probe approaches the specimen surface, the attraction force
from the interaction between the sample and the tip induces either a deflection of the
cantilever probe (contact mode) or an amplitude change (tapping mode). A
photodetector detects the shift or amplitude change and converts this signal to an
electrical signal read by a computer; as a result, the surface information is recorded.
The imaging modes of AFM are divided into the following major categories
according to whether the tip contacts the sample: the contact mode AFM, tapping
mode AFM (or MAC mode), and non-contact AFM mode.*

The contact mode was developed first, has the highest resolution, and is a

commonly used AFM mode.*® In this mode, the AFM tip contacts the sample surface
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and is scanned using a piezoscanner. The contact mode is able to obtain high
resolution images in both air and liquid. However, because of the existence of surface
shear stress, this mode may deform soft samples; thus, it is not ideal for imaging
unstable and flexible samples. The tapping mode pioneered by Hansma’s group uses a
constant driving force (acoustic, magnetic) to vibrate the cantilever at a certain
frequency.*”*

AFM. The advantage of the tapping mode AFM is the short contact time and the

The resolution of the tapping mode AFM is similar to the contact mode

minimum contact force, which effectively prevents damage to the samples from tip
scanning. The tapping mode AFM (or dynamic force microscopy, MAC mode) in
liquid is often used to image live biological samples (such as cells and bacteria) and to
monitor the progress of reactions in solution.” In non-contact mode, there is a certain
distance between the tip and the sample surface (typically a few nanometers).”' The
AFM probe vibrates at its resonant frequency near the sample surface. Because there
is no direct contact between the tip and the sample in the non-contact imaging mode,
the tip does not destroy the sample surface during imaging, which makes this mode
suitable for the observation of soft samples. However, when the sample surface is
covered with a thin layer of water, the non-contact mode can only provide an image of
the layer of water, which induces an image artifact. For samples with a rigid surface
without an adsorbed layer, the non-contact, tapping and contact modes essentially
provide similar topography information.

The comparisons of these three imaging modes clearly indicate that the tapping
mode AFM (or MAC mode) prevents the shear force-induced destruction of samples
that occurs in contact mode and overcomes the low resolution of the non-contact
imaging mode. Therefore, with the advantages of high resolution and minimum
destruction to the sample, the tapping mode (or MAC mode) is the most widely used
AFM mode in biological fields.

2.2 Molecular recognition imaging (topography and recognition imaging
(TREC)) based on AFM

AFM provides incomparable advantages for obtaining topography information
regarding the surface of a sample. However, for a complex sample with multiple
components, the height measurements of AFM are unable to differentiate between the
species (e.g., for a mixture of two proteins, we cannot distinguish them from the shape
and height). Molecular recognition imaging (TREC) is a technique for the

identification of a particular molecule in a complex (Figure 5).*>*

In principle, the
AFM tip is functionalized with specific molecules (e.g., antibodies) to recognize the

counterpart molecules on the surface (e.g., antigens). High-resolution topography and
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recognition images are simultaneously obtained. As shown in Figure 5a, an AFM tip
tethered to an antibody scans the surface; when there is a specific interaction between
the sample and the antibody on the AFM tip, the amplitude of the AFM cantilever will
be reduced, and feedback systems adjust the cantilever position (4) to maintain a
constant amplitude. This peak change corresponds to the molecular recognition signal
from the specific interactions. Molecular recognition imaging has excellent specificity
and reproducibility, and it further expands the biological applications of AFM. AFM
and molecular recognition imaging have excellent properties for the study of cell
membrane structure. Recently, force-distance curve-based AFM has provided an
alternative method for simultaneously obtaining high-resolution images and

quantitative information regarding biological samples.*" >

2.3 High-speed AFM

High-speed AFM is a rapidly growing technique because it can image a functional
single molecule at video rate (30-60 ms/frame).”*>® Ando et al. successfully
developed high-speed AFM for biological imaging and demonstrated the high

5759 With small cantilevers and a

potential for applications in biomolecular dynamics.
sensitive optical beam deflection (OBD) detector, high-speed AFM visualizes the
movement of a single myosin molecule (V-shape) on actin filaments (Figure 6).®° Cell
membrane activities (cellular filopodia and membrane network structure) have been
visualized using high-speed AFM.®' Scheuring et al. visualized the movement of the
aquaporin-O array and single proteins in the cell membrane of eye lens cells.””
Combined with fluorescence microscopy, high-speed AFM provides the opportunity
to identify dynamic processes of the cell membrane in living cells.®' Further reviews

regarding high-speed AFM are provided in the references.’” 2

2.4 In situ imaging of biomolecules with alterable conditions using a fluid
through liquid cell

In situ imaging is the greatest advantage of AFM compared with EM. To maintain
biological samples in their native states, in situ imaging of cell membranes is
desirable because a dry sample will be deformed and will not represent the
physiological features. Environmental control can be realized using a fluid through
liquid cell.®*® As shown in Figure 7, the use of a syringe to inject the appropriate
solution from one end and remove the same volume solution from the other end can
change the buffer conditions (e.g., the salt concentration and pH) during imaging,
which is rather important to observe biomolecules at work. It is also important to
maintain a constant solution volume and temperature during imaging because a small

temperature change may cause drift between the cantilever AFM probe and the

8
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sample, which thus affects repeated images in the same location. In liquid
environments, high-resolution imaging of biological molecules and dynamic changes
between individual molecules are important features for biologists. The fluid through
liquid cell technique allows the real-time study of dynamic behaviors of

. . . 64
single-molecule interactions.

2.5 Single Molecule Force Spectroscopy (SMFS)
Force spectroscopy based on AFM is a powerful approach to study protein

1 29-30, 66-67

interactions and folding at the single-molecule leve The high sensitivity of a

fine AFM cantilever allows detecting tens of piconewton forces,**®

which provides a
unique opportunity to explore molecular interactions and dynamics under various
environmental conditions. The force curve can be used to measure the interaction
between biological molecules at the single-molecule level, such as molecular
recognition between receptor and ligand, antibody and antigen, and complementary
strands of DNA"7?. SMFS was also used to explore the intramolecular force; for
instance, Gaub and Fernandaz probed the unique mechanical properties of single

proteins and polysaccharides.”*”’

Figure 8 shows the typical process of obtaining an
AFM force curve.”® The approach (trace) and withdrawal (retrace) lines reflect the
interactions between the sample and the AFM tip. When the tip approaches the
surface, the attracting force can be detected; during withdrawal of the tip from the
surface, the unbinding of two interacting target molecules (e.g., antibody-antigen,
ligand-receptor) is detected. The slope of the force curve provides the sample

characteristics (e.g., stiffness and deformation).”* "

In general, the force curve is used
to extract information regarding the unbinding events. For a functional cell membrane
(e.g., transportation and endocytosis), the advantage of force curves is the capability
of studying a dynamic process by tracing the curve while the substance is transported
via the cell membrane.

AFM-based force-volume mode can be used to map the local interaction force

between molecules on an AFM tip and biological samples,**®'

which thus provides an
alternative method to map the surface characteristics. During imaging of the sample,
the force curves are engaged at each contact point, and interaction information can be

recorded using the force map.

2.6 Resolution of AFM for imaging biological samples

The lateral resolution of AFM is typically as small as a few nanometers, which is
sufficient to distinguish single molecules. AFM can image the Y-shape of an antibody
(approximately 10 nm) at single-molecule resolution.*” With optimal sample

preparation and imaging conditions, AFM has been used to achieve subnanometer
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resolution (vertically: approximately 0.1 nm; laterally: approximately 0.6 nm *),
which is extremely useful in the study of membrane structure. Using in situ AFM,
Muller et al. studied the fine structure of the human communication channel protein
connexin 26 in a dense protein array.** As shown in Figure 9, AFM clearly provides
images of a hexamer structure of connexin 26. The Ca’’-induced conformational
change of the connexin can be visualized at a single-molecule resolution. Scheuring et
al. published several studies that provided high-resolution information regarding
patterned bacterial membranes (light harvesting complex proteins).** High resolution
is easily obtained for the membrane protein from the pattern sample (e.g., the purple
membrane) because of the stiff structure in the protein arrays.® Challenges remain for
imaging native cell membranes because of the irregularity of the membrane proteins
in a protein complex and the lack of a clear pattern in these membranes.
Multifrequency force microscopy can optimize the AFM image and provide the

potential to achieve high-resolution imaging of native cell membranes.™

3. Sample preparation of cell membranes

3.1 Substrate for membrane samples

Mica is an appropriate substrate for high-resolution AFM imaging because its
surface is smooth at the atomic level. However, fresh mica surfaces are negatively
charged, which is not suitable for the immobilization of negatively charged cell
membranes. Silanization of mica by aminopropyltriethoxysilane (APTES) easily
creates the positively charged surface; thus, membranes can be tightly attached on the
surface for solution imaging. Briefly, after a desiccator is purged with argon for 2 min,
30 uL of APTES and 10 pL of N,N-diisopropylethylamine are each placed into small
containers at the bottom of the desiccator.”* The desiccator is subsequently purged
with argon for an additional 2 min. Mica sheets are stripped using tape until the sheets
are smooth and then placed in the desiccator. The desiccator is purged for an
additional 3 min and then sealed off; the mica is exposed to APTES vapor for 1 h.
After the APTES is removed, the treated mica (AP-mica) is stored in the sealed

desiccator under argon.

Glass cover slips can be used for various cultured nucleated cells. Prior to cell
culture, strict cleaning steps must be performed to obtain a smooth surface on the
cover slips. In general, glass cover slips are cleaned using a detergent and sonicated in
1 M potassium hydroxide for 20 min at room temperature. The cover slips are rinsed
with Milli-Q water and subsequently stored in absolute ethyl alcohol. Prior to use, the

glass sides and cover slips are washed three times with sterile distilled water and dried

10
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with pure argon. The clean cover slips are placed in a culture dish as the substrate for

cells.’’

To study membrane functions and properties in situ, two-chamber substrates based
on silicon or a porous silicon membrane were designed.***° Scheuring et al. used
electron beam lithography to prepare nano-hole arrays in Si(001) ** (Figure 10). A
two-chamber cell was used as the substrate in an S-layer study that also used
fluorescence microscopy. William et al. fabricated a porous silicon membrane on the

chamber,* in which the buffer solution was easily changed during AFM imaging.

3.2 Preparation of red blood cell membranes

There are several methods to prepare membranes, such as the method of shearing
open red blood cells and the hypotonic lysis-centrifugation method. The shearing
open method is appropriate for the preparation of a clean membrane with minimum
damage (Figure 11).”' The following simple steps are used: ** two drops of blood are
taken from a fingertip and centrifuged in 1 mL of PBS buffer (136.9 mmol/L NacCl,
2.7 mmol/L KCI, 1.5 mmol/LL. KH,PO4 and 8.1 mmol/L. Na,HPO4 7H,O, pH 7.4) 5
times (1000 rpm for 2 min). A 100 pL drop of red blood cells in PBS buffer is
subsequently deposited on the mica surface for approximately 20 min of absorption.
Next, PBS is used to wash out the non-adsorbed cells. As shown in Figure 11a, a
syringe is adjusted to obtain a 20° angle to the sample surface, and 10 mL of
hypotonic buffer (6.85 mmol/L NaCl, 0.135 mmol/L. KCI, 0.075 mmol/L. KH,PO4,
and 0.405 mmol/L Na,HPO47H,0, pH 7.4) is injected to flush the mica surface and
obtain a flat membrane patch.

Using the hypotonic lysis-centrifugation method, the whole erythrocyte ghost
membranes can be prepared as follows.” Briefly, erythrocytes are collected and
cleaned by centrifugation in physiological buffer solution. The cells are lysed using a
low-salt buffer (5 mM Na;PO4/Na,HPO,) and washed several times by centrifugation
at 20,000 g for 20 min at 0°C until the ghost pellet becomes white. The membrane

pellet is diluted in buffer for deposition on a coverslip or mica.

3.3 Preparation of the cytoplasmic side of membranes

The cell membranes are prepared by the shearing open method.”* Briefly, the cells
are washed twice with buffer (20 mM PIPES, 150 mM KClI, pH 6.2) on ice, incubated
with ice-cold hypotonic buffer (4 mM PIPES and 30 mM KCI, pH 6.2) for 3 min, and
then sheared open by a stream of 10 mL of hypotonic buffer through a needle at an
angle of 20°. The membranes are subsequently treated with high-salt buffer (2 M
NaCl, 1.5 mM KH,POy4, 2.7 mM KCI, and 1 mM Na,HPO,4, pH 7.2) for 30 min at

11
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room temperature to remove the cytoskeletons. The prepared membranes are
immediately imaged in buffer using AFM. Ultrasonic stimulation is an alternative
method for the preparation of the cytoplasmic side of membranes, as shown in Figure
12. The inside-out membrane on the substrate is washed using buffer for AFM
imaging.

The apical cytoplasmic side of membranes can be prepared by stripping the

membrane from the top of a cell.”*”’

Briefly, the cells are cultured on glass slides
(Figure 13). A poly-L-lysine-coated coverslip is lightly pushed on the cells, and the
coverslip is then detached to obtain the top layer of the cell membranes. After the
surface is rinsed using buffer solution, the cytoplasmic side of membranes can be

imaged using AFM.

3.4 Preparation of the ectoplasmic side of membranes

Two strategies are used to prepare the ectoplasmic side of membranes. First, the
ectoplasmic side of membranes can be imaged at the flat edge of a living cell under
native conditions. Second, the ectoplasmic side of membranes can be obtained using
the hypotonic lysis-centrifugation method.”* Briefly, cells are first incubated with
nocodazole (60 uM) and cytochalasin B (20 uM) for 50 min at 37°C to destroy the
actin filaments and microtubules; the cells are subsequently digested using trypsin (1
mg/mL) and washed with 1 mL of PBS (136.9 mM NaCl, 2.7 mM KCI, 1.5 mM
KH;PO,, and 8.1 mM Na,HPO47H,0, pH 7.4) three times. The cells are treated with
1 mg/mL DNase to digest the nuclei/DNA and then centrifuged at 3000 rpm for 10
min. The membrane precipitate is dissolved in PBS and deposited on APTES-mica for

AFM imaging.

3.5 Preparation of large oocyte membranes

The membranes of large oocytes can be prepared using several methods, such as
pipette manipulation and centrifugation.”*”” A glass capillary pipette can be used to
manipulate a whole Xenopus laevis oocyte. The oocyte is easily burst by exposing it
to the air-water interface. Clean membranes without cytosolic contents are deposited
on freshly cleaved mica for AFM imaging.”® The attachment of oocytes onto a
poly-L-lysine-coated glass substrate is also a convenient approach to peel off oocyte
membranes for stable AFM imaging.”'

It is worth noting that to obtain the native structure of cell membranes without
damage, it is not recommended to fix the membrane using chemicals (e.g.,
glutaraldehyde) because they may crosslink the membrane proteins and result in local
destruction of the membranes (e.g., blurred images because of protein

sy 100
cross-linking).

12
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3.6 Preparation of an artificial lipid bilayer
The evaporation method is an appropriate method to prepare an artificial lipid

bilayer.'"!

Briefly, a mixture of lipids is solubilized in an organic solvent. After
evaporation of the solvent under nitrogen, the lipids are dried by desiccation under a
vacuum. The dried lipid film is subsequently resuspended in an aqueous buffer
solution, which yields a suspension of multilamellar vesicles. These multilamellar
vesicles can be further treated by sonication or extrusion to obtain small unilamellar
vesicles or large unilamellar vesicles. Artificial lipid bilayers are formed on a solid
substrate by depositing these suspensions of vesicles onto freshly cleaved mica.

By an electroformation method, giant unilamellar vesicles were produced by
Schwille et al.'*'®

coated with conductive indium tin oxide (ITO). Lipids in chloroform/methanol 9:1 (5

Briefly, a perfusion chamber was equipped with two glass slides

mM, under a nitrogen atmosphere) were deposited on preheated ITO slides and the
solvent was evaporated at 20 or 60 °C. After adding water into the chamber, a voltage
of 1.1 V at 10 Hz was applied for 1 h. After lipid swelling, the chamber was cooled
down slowly by a heat block. The prepared vesicles can be deposited on mica for
AFM imaging. In addition, Langmuir-Blodgett method is a traditional approach to

prepare the supported lipid bilayers; detailed methods can be found in references.
104-106

4. Examination of the structure of cell membranes by AFM

4.1 Examination of model membranes (artificial membranes)

As a result of the complexity of structure and function, the study of native cell
membranes is difficult. Therefore, researchers first used artificial membranes to
mimic the cell membrane.'”’” Under near physiological conditions, AFM can indicate
the nano-structures and mechanical properties of artificial membranes, the functions
of biomembranes and the interactions between membranes and nano-particles. Using
AFM, Morandat et al. explored the nano-structured information of artificial lipid
bilayer membranes composed of dioleoylphosphatidylcholine/
dipalmitoylphosphatidylcholine (DOPC/DPPC) and the effect of Triton X-100 on
these membranes (Figure 14).'® The addition of a cholesterol molecule to the SLBs
significantly increased the resistance of the bilayer to Triton X-100, which confirms
cholesterol molecules play a key role in the detergent resistance of membranes.'”
Moreover, with the addition of 1% ganglioside GM1 into SLBs to mimic the
composition of lipid rafts in cell membranes, an AFM study demonstrated that GM

ganglioside leads to the formation of ganglioside-rich microdomains (40-100 nm).''’

13
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Because artificial membranes have a definite composition, a membrane protein (e.g.,
KcsA potassium channel) can be inserted into the lipid bilayer to visualize the
dynamic conformation of the membrane protein (channel opening and closing) at high
resolution.'’" Although some characteristics of cell membranes can be deduced using
a model membrane (e.g., phase separation and raft domains enriched with cholesterol),
this model is still too simple to explain the native membrane behavior because there
are many lipids and proteins in cell membranes and because the interactions between

them are sophisticated.

4.2 Examination of functional microdomains in cell membranes

Since the proposal of the FMM of cell membranes in 1972, some phenomena
regarding cell membranes have been interpreted appropriately, such as the mosaic
proteins and fluidic cell membranes. However, this model cannot explain complicated
membrane functions. The lipid raft model focuses on functional microdomains

26, 112

enriched with cholesterol, sphingomyelin, and membrane proteins. Many cellular

functions are associated with lipid rafts, such as signal transduction, protein-mediated

. R . 113-114
endocytosis and viral infection.'"?

Lipid rafts are dynamic and polymorphous; thus,
conventional methods are not suitable for their studies. In general, the size of lipid
rafts is considered to be in the range of several hundred nanometers. Traditional
methods, such as sucrose density gradient centrifugation, electrophoresis,
fluorescence staining and EM, are likely to damage the structure of lipid rafts.
Fluorescence microscopy studies provided solid contributions to the understanding of
lipid rafts'; in particular, super-resolution imaging demonstrated the dynamic
characteristic of lipid rafts.”” However, Shaw et al. determined that only visualizing
membrane domains using a fluorescent probe may induce artifacts.''®''” AFM
provides features of the absolute topography of lipid rafts. Because of the high
resolution and the in situ and alterable imaging conditions, AFM has high potential to
resolve the unanswered questions regarding lipid rafts.

Phase separation according to the type of lipid was confirmed using a model lipid
bilayer (supported DOPC/DPPC bilayer), in which an AFM image indicated that
lipids enriched with cholesterol tend to form domains resistant to Triton X-100.'"
Orsini et al. used sucrose-density gradient centrifugation to isolate lipid raft domains
from Triton X-100 treated cells and AFM to directly confirm that there are lipid rafts
associated with specific proteins in membranes.'"® However, the whole cell lysis may
induce contamination from the endomembrane system (e.g., Golgi and endoplasmic
reticulum). In situ treatments and observations of cell membranes are highly desirable

for these studies.
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Lipid rafts exist in most membrane systems, such as erythrocytes, nucleated cells

and plant cells.” '"*12

In red blood cell membranes, detergent-resistant membrane
(DRM) domains were first confirmed using in situ imaging, which exhibited an
irregular shape with a size of several hundred nanometers (Figure 15a-c).'"” The in
situ observation of the specific extraction of cholesterol (a key component in lipid
rafts) by MBCD has provided convincing results. As shown in Figure 15d-g, in-situ
AFM demonstrated that MBCD gradually eroded the membrane with time. The size of
the eroded irregular patches is mainly in the range of 100-300 nm. Unlike the living
cell, the cell membrane was electrostatically absorbed on the APTES-mica for AFM
imaging, thus the lipid rafts can be stably imaged by AFM for long time.""” Additional
evidence has indicated that lipid rafts exist in nucleated cell membranes. Chen et al.
detected the depletion of lipid rafts from endothelial cells by MBCD using AFM and
fluorescence microscopy.'>' The lipid raft is the functional unit and is associated with
the underlying cytoskeletal network for the control of dynamic functions,'”” as

confirmed by AFM force measurements.'>

4.3 The structure of red blood cell membranes

4.3.1 Imaging membrane proteins on the cytoplasmic side of native membranes

The advantage of AFM is the capability to image the whole cell membrane at high

- - - e 81,124-125
resolution under physiological conditions.”

The red blood cell is simple and is
traditionally used as a model to study cell membranes. Many membrane proteins are
located in real cell membranes, and the determination of protein distribution is the
major goal in the study of cell membrane structure. The whole inner membrane of red
blood cells is simply prepared using a shearing open method. In Figure 16a, dense
membrane proteins and a rough inner membrane surface (the average roughness is
approximately 1.9 nm) are observed, which supports the view of Engelman that
suggests “more mosaic than liquid”.”* Fluorescence and super-resolution imaging
subsequently demonstrated that these proteins exist in protein clusters (or lipid
rafts).2® 7 126127 The height of cell membranes is approximately 10 nm, and the lipid
bilayer is approximately 2.94 + 0.36 nm; these results are consistent with other
measurements.'” Inner transmembrane proteins can be digested using enzymes, and
this process clearly demonstrates the relative positions of the lipid bilayer and
membrane proteins (i.e., the proteins sit on the lipid bilayer, and the lipid bilayer
closely contacts the mica substrate) (Figure 16b).

To position particular proteins in the membrane, the TREC technique is a unique
approach for the identification of proteins in a membrane complex using the

corresponding antibody.'?’ Figure 16¢ shows that the protein domain was recognized
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by anti-ATPase.'*® The Na” K"-ATPase molecules are dispersed and located in the
membrane within a cluster in the recognized area. Using the same technique, Schillers
et al. identified the cystic fibrosis transmembrane conductance regulator (CFTR, a
protein of the adenosine triphosphate-binding cassette transporter superfamily) in the

cell membranes of red blood cells."!

4.3.2 Imaging the outer surface of a red blood cell

The ectoplasmic side of red blood cell membranes is a mystery and as a default, it
has been considered to be the same as the cytoplasmic side. Recently, AFM provided
a complete picture of the outer surface in situ.”* Interestingly, the outer membrane
clearly demonstrates the opposite result compared with the inner surface. Although
the AFM z resolution reaches down to 0.1 nm, a smooth outer surface without
obvious protein protrusions has been observed (the roughness of the outer membrane
is approximately 0.2 nm, which is 10 times less than the inner membrane). These
findings suggest that the membrane protein distribution is much more asymmetrical
than previously proposed. By TREC imaging, the saccharides (mannose) have been
located by MNA-M lectin, which confirms that the mannose tends to form clusters
(Figure 16e). The membrane saccharides are further located in the middle of lipid
heads verified by the digestion with the saccharide enzyme (Figure 16f).

Caution is required when imaging the outer membrane because the sharp AFM
cantilever can destroy the relatively soft outer lipid bilayer membrane and induce
imaging artifacts. Tapping mode (or MAC mode) in solution and a regular tip radius
(approximately 20 nm) are better for imaging a soft lipid bilayer. In addition, the use
of glutaraldehyde to fix a cell may cause crosslinking of membrane proteins and

. . 1 132
produce artifacts in the membrane appearance.'® >

4.3.3 New model of red blood cells — the semi-mosaic Model

From AFM observations, Wang et al. proposed the semi-mosaic model for the red
blood cell membrane (Figure 16g); this model suggests that proteins may be partly set
within the lipid bilayer rather than protruding out of the outer cell surface.”> The
saccharides are located in the middle of lipid hydrophilic heads, and the membrane
proteins are mainly located on the cytoplasmic side of membranes. STORM imaging
suggests that membrane proteins tend to form clusters in cholesterol-enriched
domains (or lipid rafts).*” To clarify whether the asymmetric structure of red blood
cells is a common structure, Wang et al. also studied other red blood cell membranes
in an evolutionary order from lower vertebrates (fish), reptiles (turtle) to birds

(chicken), and the researchers determined that the features of these membranes are
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very similar to human red blood cell membranes, with the exception of the size and

nuclei (Table 2)."31%°
4.4 Examination of nucleated mammalian cell membranes by AFM

4.4.1 The cytoplasmic membrane of nucleated mammalian cells

Similar to the situation in red blood cell membranes, many membrane proteins are
exposed on the cytoplasmic side of nucleated mammalian cell membranes. An AFM
topography image of South African frog oocyte membranes indicated protein particles
with sizes of hundreds of nanometers, which is larger than a single protein, and
suggests the membrane proteins form clusters that contain multiple proteins (Figure
17).°" Functional structures (e.g., clathrin pits) perform the dynamic functions
required for membrane transportation. Usukura et al. provided direct evidence of the
existence of clathrin pits on the cytoplasmic side of cell membranes using
high-resolution AFM imaging (Figure 18).”> The same type of membrane protein is
randomly distributed in the inner membrane; this distribution was verified via the use
of labeled quantum dots to locate prestin (a membrane protein) in the inner membrane
of CHO cells."*® The pattern of membrane proteins in the inner membrane is closely
associated with membrane activity. Vijayan et al. studied the changes in membrane
proteins in response to an acute stress that induced the stress signaling pathways, and
the researchers demonstrated that the protein domains became larger after stressor
exposure . Using fluorescence imaging, Burns et al. located multiple membrane
components (including immunoglobulin E receptors, cholera toxin-aggregated GM1
and clathrin) and suggested that cholesterol-enriched domains (lipid rafts) are

responsible for signaling and endocytosis.”

Enzyme digestion (trypsin or proteinase K) and solvent treatment (Triton X-100 or
MBCD) during AFM imaging are appropriates methods for the dissection of the
membrane architecture. The digested membrane exhibits a smooth surface with a
height of 8 nm (Figure 19a and 19¢).”* After further treatment with Triton X-100, an
outer protein layer that was approximately 4 nm thick was observed (Figure 19b),
which confirms the digested membrane consists of a lipid bilayer (4 nm) and an outer

protein layer (4 nm).

4.4.2 The ectoplasmic side of nucleated mammalian cell membranes

Because complicated cell membranes have more functions (e.g., signaling
transduction and membrane transporting), the ectoplasmic side of nucleated
mammalian cell membranes exhibit more proteins (e.g., receptors) on the surface.

Using the TREC technique, Van Vliet et al. mapped vascular endothelial growth
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factor receptor-2 (Figure 20),>* which indicated an irregular distribution of the
receptors in the membrane. Tang et al. located the human gonadotropin-releasing
hormone receptor using TREC ** and concluded that the receptor tends to form
domains.

Without chemical fixation, in situ AFM demonstrated that the outer surface of
complicated cell membranes has a roughness of 1.1 + 0.2 nm (Figure 19f), which is
quite different from the inner membrane. The dense protein layer that covers the lipid
bilayer has been verified by enzyme digestion and in situ AFM imaging. After
digestion with proteinase K, the protein layer is removed (Figure 19g). Further
treatment with MBCD has suggested that the lipid bilayer lies underneath the dense
protein layer (Figure 19h). The relationship between the protein layer and the lipid
bilayer was further confirmed by digestion with a more specific enzyme (collagenase
3) (Figure 19i-k). The dense protein layer may consist of GPI protein, matrix protein

and the ectoplasmic parts of transmembrane proteins (e.g., receptors).

4.4.3 New model of nucleated mammalian cell membranes - protein
layer-lipid-protein island (PLLPI)

Although current cell membrane models (e.g., liquid mosaic model) tend to assign
the same structure to all membranes from different cells, there is definitely a
substantial difference between red blood cells and nucleated body cells. For example,
the functions of nucleated mammalian cell membranes are substantially more
complicated compared with human red blood cell membranes (almost no interaction
with other cells and only carrying oxygen); thus, there are more receptors in their
membranes compared with red blood cells. Combining in situ AFM imaging with
enzyme digestion in fluid through liquid cell,”® Wang et al. studied various
mammalian cell membranes and demonstrated the following: the proteins on the
ectoplasmic side of the cell membrane form a dense protein layer (~ 4 nm) on top of a
lipid bilayer; proteins aggregate to form islands that are evenly dispersed on the
cytoplasmic side of the cell membrane with a height of approximately 10-12 nm (a
structural pattern similar to the inner cell membrane can be observed in large oocytes
98); cholesterol-enriched domains exist within the cell membrane; carbohydrates
remain in microdomains on the ectoplasmic side; and exposed amino groups are
asymmetrically distributed on both sides. On the basis of these observations, Wang et
al. proposed a PLLPI model for mammalian nucleated cell membranes, as shown in
Figure 21. The PLLPI model emphasizes that the dense protein layer is the main
functional component in the membrane in terms of mechanical properties, signaling

transduction and material transport. A protein domain could be observed on the inner
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side of cell membranes, which may function as functional clusters (i.e., lipid rafts). It
is worth noting that the PLLPI model is only for a static and basic cell membrane that
lacks cell-cell interactions. In tissue, membrane proteins could tend to protrude out of
the membrane surface to interact with the cell matrix.'”

The thickness of various membranes is shown in Table 2. The proposed
“semi-mosaic” model for red blood cell membranes and the PLLPI model for
nucleated mammalian membranes clearly indicate the universality of membrane

asymmetry and the diversity of various membranes.

4.5 Structure of organelle membranes

Because of the long history of the hypothesis that all membranes in cells have a
similar structure, organelle membranes were speculated to be the same as cell
membranes. As previously discussed, we have clear results that demonstrate the
structures of membranes differ according to their functions. Thus, what is the
structure of organelle membranes? Two main organelle membranes (the Golgi
apparatus and mitochondrial membranes) were imaged using situ AFM (Figure
22)."4%1*! The mitochondrial and Golgi membranes exhibit features similar to red
blood cell membranes, that is, the outer surface is flat with protruding proteins located
in the inner side (Table 2). In addition, whether there is a lipid raft domain in
endocytotic membranes was unclear before Wang et al. directly visualized a Golgi
vesicle that was eroded using Triton-100 and MPCD.'*" The size of the lipid rafts in
Golgi membranes is very similar to that in red blood cell membranes. The results
from endomembrane structure studies confirm that the membrane protein distribution
is asymmetrical, which is similar to the structure of red blood cell membranes.

In Table 2, we summarize the thickness of membranes (lipid bilayer + outer layer)
without the inclusion of cytoplasmic protein particle measurements. The red blood
cell and Golgi membrane exhibit very similar features. The nucleated mammalian cell
membranes and mitochondrial membranes are substantially thicker than the red blood
cell membranes. Notably, the thickness of a lipid bilayer is approximately 3.0 nm,
which is close to the thickness of red blood cell and Golgi membranes and indicates

that there is no outer protein layer for these membranes.

5. Examination of cell membranes via SMFS

5.1 Identification of the mechanism of interactions between membrane proteins
and ligands using SMFS

142-145

Biological interactions in cells are based on force. The interaction force for

these molecules is on the scale of tens of piconewtons. To measure these weak
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. . . . 146 147 .
interactions, several techniques are available, ™ such as AFM, "' optical tweezers and

148

magnetic tweezers. =~ An AFM-based force curve can detect forces in a large range

from 10 pN to 100 nN, which is wider than the range of other competing
techniques.'*

In a living cell, an environmental signal is transduced into the cell via a membrane
receptor. The interaction force between a ligand and its receptor is the main feature
that signals activation. Force curves have been used to study multiple interactions
between cell membrane proteins and ligands, and these curves can provide insightful
information regarding the energy landscape of membrane receptors and their ligands.
The dynamic information of a force curve can be deduced from the equation of Evans

et al.'¥

Tang et al. studied the interactions between a hormone (luteinizing
hormone-releasing hormone) and its receptor.'”® Hinterdorfer et al. explored the
interactions between the serotonin transporter and a cocaine analog in living cells
using SMFS,"! mapped the interaction energy landscape, and derived chemical rate
constants. The receptor interaction model can be determined using SMFS at the
single-molecule level. Fang et al. detected the interactions of HER2 and epidermal

grown factor receptors (EGFRs)'*

and demonstrated that cancer therapy antibodies
(Trastuzumab and Pertuzumab) target HER2 to interrupt the interaction between
HER2 and EGFR, which results in a decrease in the downstream signaling of EGFRs.
The transport process is dynamic and accompanied by a conformational change in the
transporter. Using dynamic SMFS, Muller et al. demonstrated that substrate binding
can change the kinetics, energetics, and mechanical properties of the ectoplasmic
6-helix bundle of LacY, but not the cytoplasmic part, to facilitate substrate
transportation.'

Viral attachment to the membrane prior to infection is mediated by a membrane
receptor. Because a virus is larger than a single molecule and includes multiple
ligands, more than one binding site is expected. Using AFM force spectroscopy,
Herrmann et al. verified this hypothesis to demonstrate that multiple viral binding

L . 154155
modes occurred during infection.

5.2 Examination of the dynamic function of cell membranes using SMFS

The cell membrane has dynamic functions for material transport, including
endocytosis and transport by membrane proteins. The SMFS detection speed is

146 \which is suitable for the measurement of fast

unprecedentedly high (up to 10 ps),
processes in a living cell system. Researchers typically used the retrace peak curve in
a force curve to measure the molecular interactions; during these measurements, the

sample is statically immobilized on the surface. Interestingly, Wang et al. extended
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the force curve to measure dynamic processes of cell membranes by recording both
the tracing and retracing events. The tracing curve is used to record the uptake events
of membranes. Similar to the fishing concept, nanoparticles (e.g., QDs and gold
nanoparticles) are attached to the AFM tip (Figure 23), and the endocytosis force of

: - 156-157
nanoparticles is detected.

The coupled force events (uptake by cell membranes
and withdrawal of the AFM tip) are features of the dynamic process of cell
membranes. The force of transporting a single molecule (e.g., amino acid) into a
living cell was further measured using SMFS."® The maximum distribution of the
transporting force “fi” is approximately 66 pN, and the maximum distribution of the
unbinding force “fu” is approximately 70 pN. Importantly, the measurement indicates
that the conformation of the transporter determines the transporting events. These
results provide new insights into the dynamic mechanism of material transport via cell
membranes at the single-molecule (or particle) level.

One technical restriction must be considered when recording transport events. Low
force should be engaged during force measurement (less than 1 nN, typically 500 pN)
to prevent membrane breakage. For AFM tip penetration, the force must be at least 2

nN to break the cell membrane;159

this force differs from the force required to
measure the transport events. In addition, a blunt AFM tip will be ideal to avoid the

tip penetration issue.

6. Significance and outlook

With the development of nanotechnology, advances in imaging techniques have
deepened our understanding of the cell membrane, which represents a supramolecular
structure. AFM directly visualizes the whole cell membrane in situ; in particular, in
situ enzyme digestion with in situ AFM can locate entire proteins in membranes. The
“top-down” dissection and observation by AFM provides an unprecedented
opportunity to determine the sophisticated structure of membranes. A new structure

and characteristics of cell membranes have been identified via AFM (Table 3).

In situ AFM provides a complete picture of various membranes, including red
blood cell membranes, nucleated cell membranes and endomembranes. These studies
describe two main features: membrane structures vary according to the membrane

type, and the asymmetry of cell membranes is universal.

The membrane structure is so complicated that one model cannot describe all
aspects of membranes. The debate regarding membranes may soon be terminated
because membranes could assume multiple features, such as a lipid bilayer, protein

mosaicism, liquidity, cholesterol-enriched raft domains, non-raft domains and a dense
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protein layer. The complete picture identified via AFM will shed light on the most

sophisticated structure, i.e., the structure of cell membranes.

These novel models provide appropriate explanations for the key characteristics of
cell membranes: 1. The membrane of eukaryotic cells is inextensible and easily
ruptured under in-plane tension, such as osmotic stress;'® however, the membrane
exhibits an endocytic activity by membrane invagination in living cells. The
explanation is that the dense protein layer on the outer surface and isolated protein
domains in the inner side generate membrane tension in one direction. 2. Why can a
hypotonic solution easily burst red blood cells but not nucleated mammalian cells?
The explanation is that the RBC membrane is thin, and there is no outer dense protein
layer to protect the lipid bilayer. 3. The mechanical characteristics (ductility) of
nucleated cell membranes suggest that these membranes are much better suited than
the model membrane (SLBs) to defend against environmental attack. The explanation
is that the dense protein layer in membranes is the main contributor to membrane
stability. 4. Why is there only vesicle endocytosis but not the ejection of membrane
vesicles from the cell membrane? The explanation is that the outer membrane layer
experiences tension from the outer surface, which makes it unable to eject vesicles off
the membranes, although there are motor proteins in the cytoplasm. 5. Why is the
membrane transportation directed from the cell membrane to an endocytic vesicle,
while the endomembrane shape remains constant (e.g., the Golgi apparatus, a typical
cytoplasmic membrane vesicle that is pivotal for cellular transport, exhibits a
directional transportation from the Golgi to the membrane or from the membrane to
the Golgi without membrane fusion that alters the composition of the target)? The
explanation is that the asymmetry of endocytic vesicles from cell membranes is
opposite to the endomembrane vesicle; endocytic vesicles can only function as a
shuttle for membrane recycling but cannot become a part of an endomembrane by
membrane fusion. The interactions of these vesicles may follow the kiss-and-run
principle but not membrane fusion, which enables efficient membrane transport and
vesicle stability. 6. What is the relationship between the proteins in lipid rafts and the
non-lipid raft proteins? Based on the structure of a nucleated cell membrane, some
proteins exist in lipid rafts. However, lipid rafts are only local domains in a dense
protein layer; they are not isolated carriers in lipid bilayers. The dense protein layer
consists of both lipid rafts and non-lipid raft proteins.

In addition to the experimental efforts to study the cell membrane, molecular
simulation is an important approach to identifying the dynamic features of cell
membranes.'®' However, to date, molecular dynamic (MD) simulation is only suitable

for a model membrane (proteins in a lipid bilayer). How the proteins in a complicated
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cell membrane work remains an unresolved question. A novel membrane structure
may provide useful information for accurate predictions from MD simulation because
the membrane protein environment could be a significant factor in obtaining accurate
simulations.

There are still open questions regarding membrane structure; for example, the
accurate location of membrane proteins in the membrane, the membrane protein
relationships, and the mechanism that underlies the formation of the protein pattern.
These questions may be solved via the combination of multiple techniques, such as in
situ AFM, super-resolution fluorescence microscopy, cryo-EM, MS, and enzymatic
methods.”” The combination of AFM with fluorescence microscopy will provide
additional information regarding the cell membrane structure and characteristics.''®
162163 Super-resolution fluorescence microscopy provides the potent ability to identify
the local architecture of cell membranes.'*'® Cryo-EM may contribute knowledge
regarding the protein arrangement of cell membranes at a subnanometer resolution'®.
The results obtained using all of these techniques suggest that a comprehensive
membrane structure could be expected in the near future with the further development

of single-molecule techniques.
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Figure 1. The basic components of cell membranes. (a) Membrane lipids mainly
include phosphoglycerides, sphingolipids and sterol lipids. (b) Membrane
carbohydrates include mannose, galactose, N-acetylglucosamine, glucose, fucose,
N-acetylgalactosamine, sialic acid, and so on. (c) Membrane proteins refer to
transporters, receptors, enzymes and anchor proteins.
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more mosaic proteins

Figure 2. Models of membrane structure. (a) The Singer-Nicholson “fluid mosaic
model”. (b) An amended and updated version of the fluid mosaic model. Adapted
from ref. 23 with permission copyright© 2005 Nature.

Raft

Non-raft
TM protein

Raft platform Raft platform

Figure 3. Lipid raft domains in cell membranes. Adapted from ref. 25 with
permission copyright© 2010 Science.
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Figure 4. Schematic diagram of atomic force microscopy.

125 250

nm

Figure 5. The principle of topography and recognition imaging. An AFM tip tethered
to an antibody scans the sample (a, b). Antigen-antibody binding causes a transient
reduction in the oscillation amplitude of the tip (c). The AFM feedback system
converts this change to a recognition signal. (d, ) A topographic image of MMTV
chromatin arrays and the corresponding recognition image. (f) A plot of the peak
signal, A4, for the portion of the recognition image between the green arrows in (e).
Adapted from ref. 53, Figure 1 with permission.
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Figure 6. Imaging single molecules by high-speed AFM. (a) Successive AFM images
that demonstrate the processive movement of M5-HMM in 1 uM ATP. Scale bar is 30
nm. (b) Schematic of two-headed bound M5-HMM. Adapted from ref. 60, Figures 1a
and 1b with permission.
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flow through liquid cell

Figures 7. Schematic of fluid through a liquid cell. Adapted from ref. 65, Figure 3
with permission.

0.2nN \Jr
10 nm 7

Figure 8. The process of single-molecule force spectroscopy. (a) An AFM tip
tethered to an antibody engages the sample, which results in a force curve. The
numbers 1-5 indicate the approach process. The numbers 6-7 indicate the withdrawal
process. (b) A typical force-distance cycle corresponding to (a). Adapted from ref. 78,
Figure 1 with permission.
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Figure 9. High-resolution AFM image of proteins. (a) The topography of individual
connexons with a lateral resolution of ~1.2 nm. (b) In the presence of 0.5 mM CaCl,,
there is a Ca*"-induced conformational change in the extracellular connexon surface.

Adapted from ref. 44, Figures 3 and 4 with permission.

e Y

5
100 nm

10 nm
m

Figure 10. Membranes adsorbed on a holey silicon surface. (a) The topography of
S-layer membranes. (b) Magnified topography of the S layer from a. (¢) Deflection
image of b. (d) Section analysis along the red line (m) in b. (e) Section analysis along
the white lines (1-9) in b. Scale bars are 2 pm (a) and 500 nm (b, c¢). Adapted from ref.

88, Figure 1 with permission.
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top view

Figure 11. Membrane preparation scheme. (a) RBCs are exposed to fluid
flow-imposed shear stress to open the cells. (b) AFM images of RBCs attached to
poly-L-lysine-coated glass. (c) Inside-out RBC membranes spread on the glass
surface after shear stress. Adapted from ref. 91, Figure 1 with permission.

4

Figure 12. Scheme for unroofing cells. The cells are washed three times in hypotonic
HEPES-based mammalian Ringer’s solution and subsequently unroofed by ultrasonic
stimulation, which removes the apical cell membrane and the cytoplasm. Adapted
from ref. 95, Figure 1 with permission.
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ﬁical

stripping

Imaging sample
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Figure 13. Scheme of the preparation of the apical cytoplasmic side of membranes. (a)
Cells are cultured on a seeding substrate. (b) A coverslip covers another side of the
cells, and weights are placed on the seeding substrate. (¢) Stripping the seeding
substrate to leave the apical membranes for imaging. Adapted from ref. 97, Figure 1
with permission.

Figure 14. Supported lipid membranes treated with TX-100. (a) An AFM height
image (20 x 20 pm?) of a mixed DOPC/DPPC bilayer prior to TX-100 addition. (b-f)
Serial images after the addition of 0.48 mM TX-100 for 3.5 min (b), 10 min (c), 30
min (d), 60 min (e), and 90 min (f). Adapted from ref. 108, Figures 2A-F with

permission.
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20 40 60 nm
Figure 15. (a-c) DRMs from the outer leaflet membrane. (a) AFM image of DRMs.
(b, ¢) Serial magnifications of the DRMs in (a). Scale bars are 500 nm in (a) and (b)
and 200 nm in (¢). (d-g) In-situ images of cell membranes treated with MBCD. (d-f) A
series of images after the addition of MBCD for 0 min (d), 21 min (e), and 118 min (f).
The green and blue arrows in (d) point to the outer and inner leaflets of the cell
membranes, respectively. (g) Magnified image of the green square area in (f). The
green arrows indicate the regions eroded by MBCD. Scale bars are 2 um in (d) and 1
um in (g). Figures a-c from reference 119, Figures 4A-C with permission; Figures d-g
are from reference 119, Figures 2A, 2C, 2F and 2G with permission.

40



Page 41 of 51

Chemical Society Reviews

Figure 16. (a) Image of the inner membrane leaflet with dense membrane proteins.
Scale bar is 1 pum. From reference 92, Figure 1D with permission. (b) Inner membrane
leaflet treated by trypsin. Arrow points to the free lipid bilayer. Scale is 300 nm. From
reference 92, Figure 2A with permission. (c) Recognition image of Na'-K~ ATPases
(dark spots) in the inner leaflet of cell membranes. Red and blue arrows indicate
isolated Na™-K" ATPases and Na'-K" ATPase aggregations, respectively. From
reference 130, Figure 3B with permission. (d) Topographic image of the outer
membrane scanned by a lectin (MNA-M)-functionalized AFM tip. Scale bar is 500
nm. (e¢) Recognition image of the outer membrane that corresponds to Figure 15d.
Arrows indicate the mannose domains (dark signal) recognized by the MNA-M on the
AFM tip. (f) High-resolution image of the outer membrane leaflet treated by
PNGaseF. Arrows point to the presumed regions of oligosaccharide aggregations in
the membrane. Scale bar is 500 nm. From reference 92, Figure 3E with permission. (g)
The proposed semi-mosaic model of cell membranes. Lipids (golden) and glycans
(green) are shown on the top of the layer. Membrane proteins are semi-mosaic in the
lipid bilayer. From reference 92, Figure 5 with permission.
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Figure 17. AFM image of South African frog oocyte membranes (cytosolic side).
Poly-L-lysine-coated glass (blue), the lipid bilayer membrane (turquoise), and the

membrane proteins (brown). The height profile along the broken line is presented at
the bottom. From reference 91, Figure 6 with permission.

Figure 18. AFM image of clathrin coats and actin filaments at the cytoplasmic
surface of the plasma membrane. The right figure shows an enlarged view of the

boxed area in the left figure. Clathrin-coated pits are clearly observed in the boxed
area. Arrows indicate actin filaments. From reference 95, Figure 6 with permission.
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Figure 19. (a) AFM image of the cytoplasmic side of the cell membrane after
digestion with trypsin for 1 h. The single and double layers of the membranes are
indicated by green and pink arrows, respectively. From reference 94, Figure SA with
permission. (b) The membranes were treated in situ with 0.1% Triton X-100. The
outer protein layer with about 4 nm is observed. From reference 94, Figure 5B with
permission. Scale bars are 2 pm in (a-b). (¢) and (d) Images of the cytoplasmic side of
membranes after treatment with proteinase K and MBCD in sequence to extract lipid
rafts. The heights of left membranes are about 8 nm in (¢) and (d). From reference 94,
Figures 5G and 5H with permission. (¢) Magnified image of the green square area in
(d). From reference 94, Figure 5I with permission. The scale bars are 1 um in (c-d)
and 300 nm in (e). (f) AFM topographic image of the ectoplasmic side of the cell
membrane. From reference 94, Figure 2A with permission. (g and h) AFM
topographic image of the ectoplasmic side of cell membranes treated with proteinase
K (g) and MBCD (h) in sequence. From reference 94, Figures 2B and 2C with
permission. (i) AFM topographic image of the ectoplasmic side of the cell membrane
without treatment. From reference 94, Figure 2N with permission. (j and k) AFM
topographic image of the ectoplasmic side of the cell membrane in situ treated with
collagenase 3 (specific enzyme) and MBCD in sequence, respectively. The depths of
pits (green arrows) in (j) and (k) are about 4 nm and 8 nm respectively, further
confirming there is a protein layer (4 nm) on the lipid layer. From reference 94,
Figures 20 and 2P with permission. Scale bars in (f-k) are 300 nm.
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Figure 20. Imaging individual VEGFR2 receptors on fixed HUVEC surfaces using
TREC. (a) Phase image of a cell. (b) The recognition image over the indicated area in
“a” shows the location of VEGFR2 receptors (circled dark spots). (¢) An image of the
blocking induced by the addition of 5 pg/mL anti-VEGFR2 supports this binding
specificity between the probe and VEGFR2. Scale bars are 10 um for (a) and 500 nm
in (b-c). From reference 54, Figures 1 A, 1B and 1D with permission.

Figure 21. The proposed protein layer-lipid-protein island (PLLPI) model of the cell
membrane. (a and b) The top and bottom views of the cell membrane, respectively.
The proteins on the ectoplasmic side of the cell membrane form a dense protein layer,
which provides a smooth feature (a); the proteins on the cytoplasmic side tend to form
dispersed microdomains (b). (¢) The size of the cell membrane. The total height of the
cell membrane is 20 nm, and the membrane is composed of the ectoplasmic protein
layer (4 nm), the lipid bilayer (4 nm) and the cytoplasmic protein layer (12 nm). From
reference 94, Figure 7 with permission.
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Figure 22. AFM image of individual Golgi cisternae and mitochondrial membranes.

(a) Image of the outer surface of Golgi apparatus membranes. The membrane is flat
without protruding proteins. The scale bar is 100 nm. From reference 140, Figure 2C
with permission. (b) Image of an opened Golgi cisternae. Protein domains are located
in the inner side of membranes. The scale bar is 500 nm. From reference 140, Figure
3A with permission. (c) Real-time images of a Golgi membrane treated with MBCD
for 22 min. Cholesterol-enriched domains were extracted. The scale bar is 200 nm.
From reference 140, Figure 4F with permission. (d) AFM topographic images of
flattened mitoplasts from mitochondria subjected to a freeze-thaw treatment. The
scale bar is 500 nm. From reference 141, Figure 3C with permission. (e) Higher
magnification image (top) of the green square area in (d) with the cross section
analysis (bottom) along the green line. The membrane is flat without protruding
proteins. The scale bar is 100 nm. From reference 141, Figure 3D with permission. (f)
AFM topographic images of unilamellar inner mitochondrial membranes covered by
dense proteins. The scale bar is 300 nm. From reference 141, Figure 4C with
permission.
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Figure 23. Force measurement of living cells during the uptake of single quantum
dots. (a) Functionalization of AFM tips by QDs. (b) Diagram of a typical force curve
cycle. (c) A real typical force curve that demonstrates the interactions between a
single QD and a HeLa cell in DMEM at 37°C. The annotation “fi” indicates the
uptake force signal; “fu” indicates the unbinding force signal. (d) Quantitative
comparison of the “fi” and “fu” from more than 700 force curves (the black, red,
green and blue columns represent “no peaks”, “only fi peaks”, “only fu peaks”, and
“both fi and fu peaks”, respectively). From reference 156, Figures 2a-d with

permission.
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Table 1: Comparison of imaging techniques.

Electron Fluorescence Super-resolution Bright field
AFM %3 microscopy microscopy  microscopy ' microscopy
20 163
Resolution  Approximately 0.2 nm 200 nm >10 nm (XY), 250 nm
Inm(X2),  (XY) (XY), 220 (Z) (XY
0.1 nm (Z) 500 nm (Z)
Imaging Air, liquid, Fixed Dyes or Dyes or Liquid
condition  vacuum sample, fluorescent  fluorescent
low proteins proteins
temperature
Sample Both fixing Fixing, Fixed or Fixed or living  Living
preparation and native freezing or  native sample sample
sample dyed sample
sample

Imaging Versatilityin ~ TEM or Inverted or ~ STED, PALM,  Bright field,

mode the imaging SEM confocal STORM, SSIM  DIC, phase
modes fluorescence
microscopy
Imaging XYZ XY XYZ XYZ dimension XY
type dimension dimension  dimension dimension
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Table 2: Comparison of membrane thicknesses (nm).

Red blood cells Nucleated Golgi Mitochondrial
(nm) 22133134135 Cell membranes  membranes
membranes % !
94
Thickness of Human Chicken Turtle Fish
lipid bilayer with 8.0+05 3.7¢1.6 7.1+ 0.9
outer layer 29£04 31407  2.5£05  3.5£0.6
Total thickness ~10 16.5+3.6 18.5+2.4 18.2+3.0 19.5+2.8 ~7.0 ~10
of membranes
Roughness of the  0.18 0.47+0.05 0.52+0.11 0.56+0.06 1.1+0.2 0.43+0.09 0.6+0.2
ectoplasmic side
Roughness of the 1.9 3.4+0.8 4.0+0.8 3.1+0.7 3.7+£0.2 1.95 £0.62 1.5+0.4
cytoplasmic side
membrane
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Table 3: Models of cell membranes.
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Models Methods Method Supported by experiment Coverage Limitation =~ Dominating
resolution time
Lipid bilayer Extraction and Macroscopic ~ Lipid area extracted Membrane Without the  To date
model '° Langmuir measurement  from cell membranes is  consists of a location of
methods double the size of cell lipid bilayer membrane
membranes proteins
Davidson-Danielli ~ Surface tension  Indirect Not well supported by Proteins are Protein Until the
model "’ measurement measurement  experiments associated with  location is 1970s
membrane not accurate
Unit model *' Electron Few Visualization of dark Proteins are Protein Until the
Microscopy nanometers and bright bands by EM  associated with  location is 1970s
(EM) membranes not accurate
Liquid mosaic EM, Few Visualization of Membrane is Lack of To date
model freeze-etching, = nanometers transmembrane proteins  fluidic with protein
(LMM) * immuno- EM and isolated membrane mosaic proteins  functions
proteins in the and
membrane interactions
Lipid raft model Centrifugation, = Multiple Isolated Protein exists in ~ Lack of To date
26 fluorescence scales detergent-resistant cholesterol-enri ~ whole
microscopy, patches, raft domains ched domains membrane
single-molecule visualized by AFM for special structure
tracking, AFM functions
Amended mosaic  Protein Multiple Large functional More proteins Lack of To date
model (more structure, scales complexes exist in whole
mosaic proteins) computer exist in membranes; membranes than membrane
3 simulation and proteins and lipids in LMM structure
EM tend to group together membranes
Semi-mosaic AFM, in situ Few Direct imaging, in situ Asymmetrical Lack of Novel view
model * enzymatic nanometers protein digestion, in situ  mosaic accurate
method detergent and MBCD membrane protein
treatment proteins, locations

especially for
red blood cell

membrane
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AFM, in situ
enzymatic
methods,
super-resolution
fluorescence

microscopy
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Few Direct imaging, in situ

nanometers protein digestion, in situ
detergent and MBCD
treatment

Dense and
asymmetrical
membrane
proteins,
especially for a
complicated
nucleated cell

membrane
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Lack of Novel view
accurate
protein

locations
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The structure and functions of cell membranes were revealed by atomic force
microscopy and force spectroscopy at the molecule level.
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