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Dewetting-induced formation and mechanical properties of 
synthetic bacterial outer membrane models (GUVs) with 
controlled inner-leaflet lipid composition 
Sepehr Maktabi,ab Jeffrey W. Schertzerbc and Paul R. Chiarot*ab 

The double-membrane cellular envelope of Gram-negative bacteria enables them to endure harsh environments and 
represents a barrier to many clinically available antibiotics. The outer membrane (OM), which is exposed to the environment, 
is believed to be the first point of contact involved in fundamental bacterial processes such as signaling, pathogenesis, and 
motility. As in the cytoplasmic membrane, the OM in Gram-negative bacteria has a phospholipid-rich inner leaflet; however, 
the outer leaflet is predominantly composed of lipopolysaccharide (LPS). In this work, we report on a microfluidic technique 
for fabricating monodisperse asymmetric giant unilamellar vesicles (GUVs) possessing the Gram-negative bacterial OM lipid 
composition. Our continuous microfluidic fabrication technique generates monodisperse, 50 to 150 µm diameter water-in-
oil-in-water double emulsions at high-throughput. The water-oil and oil-water interfaces facilitate the self-assembly of 
phospholipid and LPS molecules to create the inner and outer leaflets of the lipid bilayer, respectively. The double emulsions 
have ultrathin oil shells, which minimizes the amount of residual organic solvent that remains trapped between the leaflets 
of the GUV membrane. We show that an extraction process by ethanol and micropipette aspiration of the ultrathin oil shells 
triggers an adhesive interaction between the two lipid monolayers assembled on the water-oil and oil-water interfaces (i.e. 
dewetting transition), forcing them to contact and form a lipid bilayer membrane. The effect of different inner-leaflet lipid 
compositions on the stability and the mechanism of the dewetting transition is investigated. We also report on the values 
for bending and area expansion moduli of synthetic asymmetric model membranes with lipid composition/architecture that 
is physiologically relevant to the OM in Pseudomonas aeruginosa bacteria.

Introduction 
Giant unilamellar vesicles (GUVs) are of great interest as 

versatile model systems to emulate the function and 
fundamental properties of the plasma membrane in living 
cells.1–4 However, it remains a challenge to build 
physiologically relevant synthetic systems (e.g. vesicles) 
from scratch using elemental organic and inorganic 
components and materials. While GUV model systems are 
too simple to represent the complexity of the entire 
biological membrane, they are suitable candidates to isolate 
and study the roles of individual components involved in 
cellular function.5,6 Synthetic and natural vesicles consist of 
one or multiple lipid bilayer(s) surrounding an aqueous core 
that allows encapsulation and protection of active 
hydrophilic molecules such as nucleic acids. Over the last few 
decades, researchers have utilized vesicles as models to 
study biological membrane mechanics and signaling,7–11 

lipid and protein distribution,12–16 and as delivery vehicles 
for DNA, virulence factors, drug delivery, etc.17–20 

Gram-negative bacteria are unique because they are 
characterized by a cell envelope that consists of a relatively 
thin layer of peptidoglycan between two bilayers of a 
dissimilar molecular profile.5,21 The cell envelope has proved 
to be an excellent target for antimicrobial therapy.18,22 The 
existence of two membranes in Gram-negative bacteria 
offers two concentric barriers to the external environment 
with different physical properties (i.e. bending and area 
expansion moduli).21 The double-membrane cellular 
envelope in Gram-negative bacteria (e.g. Pseudomonas 
aeruginosa) enables them to endure harsh environments and 
represents an important permeability barrier to many 
clinically available antibiotics. Pseudomonas aeruginosa, a 
common environmental Gram-negative bacillus, is an 
opportunistic human pathogen that causes acute or chronic 
infection in the lung, urinary tract, burns, and blood stream.23 
P. aeruginosa is found in 18% of cases of nosocomial 
pneumonia24 and it is also the major pathogen in cystic 
fibrosis.25 

The outer membrane (OM) in P. aeruginosa is composed 
of phospholipids in the inner leaflet (mainly 
phosphoethanolamine (PE), phosphatidylglycerol (PG), and 
phosphatidylcholine (PC)5) and lipopolysaccharide (LPS) in 
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the outer leaflet.26 Tashiro et. al reported the normalized 
percentage of PE, PG, and PC headgroups to be 60%, 27%, 
and 13% for P. aeruginosa OM, respectively.27,28 In addition, 
the fatty acid compositions of phospholipids in the cellular 
OM showed a 1:1 molar ratio of saturated to unsaturated 
aliphatic chains. However, LPS contains three distinct 
components: a hydrophobic lipid A anchored in the OM, a 
hydrophilic core polysaccharide chain linked to Lipid A, and 
a hydrophilic O-antigen side chain.13,29 The outer membrane 
of gram-negative bacteria is decorated with a potent 
endotoxin (i.e. Lipid A) which plays a significant role in 
bacterial survival, pathogenicity, and immune evasion.30–33 It 
also acts as a physical barrier protecting the cell from 
chemical attack and represents a significant obstacle for the 
effective delivery of numerous antimicrobial agents.23 

The ability to build and customize biologically relevant 
vesicles is a sophisticated technology that can advance 
biological science. Over the last few decades, synthetic 
biology research has focused on two approaches for building 
engineered biological cells and vesicles with specialized 
functions. The first is a top-down methodology to redesign 
existing biological systems by manipulating the properties of 
natural cells to achieve or investigate a desired function. The 
second is a bottom-up approach to build customized cellular 
systems that may or may not already exist in nature.34,35 With 
the bottom-up approach, the objective is to: (i) develop a 
better understanding that would not be possible through the 
analysis and observation of existing biological systems alone, 
or (ii) achieve a specialized function that can only be 
accomplished by creating new systems. Fabrication of 
synthetic vesicles was first introduced by Angelova and 
Dimitrov in 1986 using electroformation.36 In this technique, 
a uniform thin layer of lipids is deposited onto an indium tin 
oxide (ITO)-coated glass slide and is subjected to an electric 
field in an aqueous bath.36,37 Electroformation offers limited 
control over the vesicle size and lipid assembly configuration 
(i.e. bilayer asymmetry, unilamellarity, and lipid 
composition). Kubiak et al. developed a protocol using 
electroformation to create GUVs containing LPS and used 
them as templates to investigate how these molecules affect 
the lateral assembly in bacterial model membranes.1 
However, GUVs fabricated using their method lack lipid 
asymmetry and could not fully represent a strong model for 
Gram-negative bacterial outer membrane model system. In 
addition, lipid exposure to air throughout the GUVs 
fabrication process increases the risk of lipid oxidation that 
constantly needs to be monitored. 

Other methods such as gentle hydration,38 micropipette 
jetting,39,40 and GUV budding assisted by swelling hydrogel 
films41–43 have been used to build GUVs. Gentle hydration 
involves the simple rehydration of lipid films with an 
aqueous solution; however, vesicles formed using this 
method may display undesirable defects such as vesicles 
within vesicles, and/or lipid aggregates on bilayer leaflets 
that may hinder their utilization. Micropipette jetting 
requires the use of high frequency fluid pulses onto a lipid 
bilayer from an inkjet device to promote the formation of a 

GUV. In hydrogel-assisted approach, a film of hydrogel, 
water-swollen networks of cross-linked hydrophilic 
polymers, is formed on a coverslip followed by a thin film of 
lipid. This system is rehydrated with physiologically relevant 
buffers and GUVs with diameters from 10 to 100 µm are 
readily formed driven by coalescence of sub-µm-sized 
vesicles into larger vesicles.41 These traditional fabrication 
techniques allow for relatively facile production of 
membrane material. However, they provide weak control 
over membrane lipid composition and architecture. In 
addition, these methods often lead to non-uniform vesicles 
in terms of size and lamellarity. 

An alternative method for producing GUVs is using 
microfluidic technology. Hydrodynamic flow focusing,44 
pulsed jetting,45 and double emulsion templates with organic 
phase removal46,47 enable the fabrication of more uniform 
emulsions at any size range while maintaining unilamellarity 
and customized lumen content. In addition, these techniques 
provide the opportunity to deliver functional particles to the 
emulsion interface at high-throughput.48–51 Microfluidic-
based methods exploit oil-water interfaces in 
droplets/double emulsions to spontaneously assemble lipid 
bilayers one leaflet at a time.52 This offers a better control 
over the transbilayer lipid architecture in double emulsion 
templates which results in acquiring an asymmetric 
assembly in GUVs (i.e. the composition of lipids in one leaflet 
of the membrane differs from that of the other leaflet). Our 
team previously developed a continuous microfluidic 
fabrication technique for generating 10 to 50 µm diameter 
water-in-oil-in-water double emulsions at high-throughput 
for building asymmetric vesicles.47 

In this work, we study the formation of asymmetric 
model membrane systems (i.e. GUVs) that resemble the outer 
membrane lipid composition and transbilayer architecture 
of the Gram-negative bacillus, P. aeruginosa, more 
accurately. The lipid bilayer architecture and composition of 
the fabricated model membranes make them suitable 
candidates to study the bacterial function in antimicrobial 
studies. We use our microfluidic-based technique to make 
asymmetric vesicles possessing different compositions of 
phospholipids in the inner leaflet and LPS in the outer leaflet. 
The water-oil and oil-water interfaces facilitate the 
spontaneous self-assembly of phospholipid and LPS 
molecules to create the inner and outer leaflets of the lipid 
bilayer, respectively. We also investigate the separation of 
the organic phase (i.e. dewetting transition) using a chemical 
oil extraction process and mechanical perturbation. Values 
for area expansion and bending moduli of asymmetric model 
membrane systems are reported. 

Experimental procedures 
Materials 

1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine 
(DPPE), 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine 
(DOPE), 1,2-dioleoyl-sn-glycero-3-phospho-(1'-rac-
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glycerol) (DOPG), 1,2-dioleoyl-sn-glycero-3-phosphocholine 
(DOPC), and 1,2-dipalmitoyl-sn-glycero-3-phosphocholine 
(DPPC) were purchased from Avanti Polar Lipids. The wild 
type lipopolysaccharide from P. aeruginosa obtained by 
phenol extraction (Sigma-Aldrich) was used without further 
purification. Two fluorescently labeled tracer lipids were 
used to individually indicate the assembly of the inner and 
outer leaflets. (N-(7-Nitrobenz-2-Oxa-1,3-Diazol-4-yl)-1,2-
Dihexadecanoyl-sn-Glycero-3-Phosphoethanolamine (NBD-
DHPE) was purchased from Thermo Fisher Scientific and 
stocked in chloroform. We used the lipopolysaccharide from 
Escherichia coli serotype 055:B5, Alexa Flour™ 568 conjugate 
(Thermo Fisher Scientific) as the tracer to confirm the 
assembly of LPS in the outer leaflet. Dow SYLGARD™ 184 
Silicone Elastomer Clear kit was purchased from Ellsworth. 
All other chemicals were purchased from VWR. 

 
Preparation of solutions 

All phospholipids were stored in chloroform at −20 °C. To 
prepare a dry lipid film, we evaporated the chloroform under 
a gentle nitrogen stream for 30 min at 40 °C followed by 
vacuum exposure for at least 2 h at room temperature. The 
dried film was dissolved in oleic acid by ultra-sonication for 
3 h at 40 °C. Wild type lipopolysaccharide and its fluorescent 
conjugate were dissolved in aqueous solutions in three 
cycles of heating to 75 °C and vortex mixing. To prevent the 
coalescence of double emulsions and GUVs, a nonionic 
Pluronic surfactant F-68 and polyvinyl alcohol were added to 
both the inner and outer aqueous phases. In addition, the 
outer aqueous phase contained 14 vol% glycerol to increase 
the interfacial viscous stress and facilitate the emulsion 
formation inside the microfluidic device. This would 

consequently minimize the resultant oil layer thickness in 
encapsulating the double emulsions. After adding other 
constituents (i.e. sugar, surfactants and glycerol) to the 
aqueous solutions we sonicated them for 1 h at 40 °C. The 
osmolality of the inner and outer aqueous solutions was 
measured and matched using a freezing point osmometer 
(Osmomat 3000, Gonotec). The compositions of the inner 
aqueous (IA), oil/lipid1 (OL1), oil/Chol (OL2), and outer 
aqueous (OA) phases are stated below. 

IA phase (all solutions were prepared in Milli-Q water): 1 
vol% PVA (M.W. ∼ 57,000−66,000 86-89% hydrolyzed), 2 
vol% Pluronic F-68, (Fig. 2 and 3; 0.5 M sucrose 99%), (Fig. 
4; 1.5 M sucrose 99%), (Fig. 5; 1.2 M sucrose 99%), (Fig. 2f; 
1 mM MgSo4.7H2O), and (Fig. 4 and 5; 10 mM MgSo4.7H2O). 

OL1 phase: all phospholipid solutions were at 6.25 mg 
mL–1 in oleic acid (Fig. 2 and 3; DOPE/NBD-DHPE 250:1 
mol%), (Fig. 3; DOPG/DPPE/NBD-DHPE 125:125:1 mol%), 
(Fig. 4 and 5; DOPC/DPPC/NBD-DHPE 100:100:1 mol%). 

OL2 phase: (Fig. 2 and 3e; oleic acid) and (Fig. 3, 4, and 5; 
cholesterol at 2 mg mL–1 in oleic acid). 

OA phase (all solutions were prepared in Milli-Q water): 
1 vol% PVA (M.W. ∼ 57,000−66,000 86-89% hydrolyzed), 2 
vol% Pluronic F-68, 0.5 M D-(+)-Glucose, (Fig. 2, 3, and 4; 14 
vol% glycerol), (Fig. 5; 8 vol% glycerol), (Fig. 2f; 1 mM 
MgSo4.7H2O), (Fig. 4 and 5; 10 mM MgSo4.7H2O), (Fig. 2 and 
3; 100 µg mL–1 LPS), (Fig. 4 and 5; 300 µg mL–1 LPS), (Fig. 3 
and 5; 1.5 µg mL–1 Alexa Flour™ 568 LPS conjugate), and (Fig. 
4; 3 µg mL–1 Alexa Flour™ 568 LPS conjugate). 

 
Microfluidic device fabrication and operation 

We built our PDMS device by utilizing the conventional 
soft lithography process (Fig. 1 illustrates the design).53–55 A 

Fig. 1 Schematics of our microfluidic technique that is capable of generating 50 to 150 µm diameter water-in-oil-in-water double emulsions at high-throughput. 
(a) Initially, uniform water-in-oil emulsions are made at the first flow focusing region. The phospholipid molecules (i.e. lipid-1) that are present in the oil phase 
(i.e. green domain) spontaneously assemble on the water-oil interface and proceed along the serpentine channel. (b) After the serpentine channel, a series of 
triangular posts force the emulsions to move across the two oil phases (i.e. green and yellow domains) and continue along the streamlines in the OL2.  (c) The 
fluorescent image confirms the assembly of NBD-tagged phospholipids on the emulsions and their separation from the OL1 stream (i.e. green flow). The OL1 
stream goes into the waste channels located under the triangular posts. (d) Finally, the water-in-oil emulsions, covered with a monolayer of lipid-1 molecules, 
approach the second flow focusing region. (e) The emulsions are encapsulated in an ultrathin OL2 layer containing cholesterol and form water-in-oil-in-water 
(w/o/w) double emulsions dispersed in the OA domain in which the LPS molecules are dissolved. Ethanol was introduced to the OA domain in order to extract 
the intermediate oil layer from the double emulsions and to bring the two lipid monolayers together. Flow rates of the IA, OL1, OL2, and OA streams were set 
at 12, 22, 400, and 380 µL h−1, respectively. All scale bars denote 100 µm. 
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mold was first prepared by spin coating a 90 μm thick layer 
of SU-8 2050 on a four inch silicon wafer. The SU-8 layer was 
soft baked and patterned by exposure to UV light at 55 mJ 
cm–2 through a polyester photomask (Fineline Imaging, Inc.). 
The silicon wafer was post baked (i.e. at 65 °C for 3 min, 
followed by 95 °C for 9 min, and back at 65 °C for 3 min) and 
developed in SU-8 developer for 7 min. PDMS was mixed at a 
ratio of 9:1 of pre-polymer base to curing agent. The PDMS 
replica was cured at 70 °C for 4 h, peeled from the mold, and 
diced into individual devices. Connection holes were 
punched with a blunt dispensing needle. The device was 
bonded under oxygen plasma to a glass slide covered with a 
layer of 100 μm spin-coated PDMS. The oxygen plasma 
treatment generates radical surface silanol groups (Si–OH), 
alcoholic hydroxyls (C–OH), and carboxylic acids (COOH) on 
the PDMS surfaces.56 This covalently bonded the two 
surfaces and created a sealed microfluidic device. Spin-
coating PDMS onto the glass slide ensured material 
consistency inside the channel network since the PDMS was 
present on all four sides of the channels. 

One day after the bonding, all PDMS channels recovered 
their hydrophobic nature at room temperature.56 However, 
this can be accelerated at higher temperatures. The 
microfluidic channels carrying the OA solution (i.e. the blue 
stream depicted in Fig. 1e) were locally treated with a 2 wt% 
solution of PVA (M.W. ∼ 57,000−66,000 86-89% hydrolyzed) 
in DI water to render the surfaces hydrophilic. The device 
was left under vacuum for 30 min and baked at 120 °C for 12 
min. All solutions were loaded in 2.5 mL glass syringes 
(Hamilton) and were supplied to the inlets of the device 
through translucent PTFE tubing (1/32” ID, Cole-Parmer). 
We used syringe pumps (Chemyx) to generate flow in the 
channels. 

 
Micropipette aspiration operation and theory 

The micropipette capillaries were custom-made by 
pulling 1mm OD, 0.58 mm ID borosilicate glass capillaries 
(World Precision Instruments, Inc.) using a glass 
microelectrode puller (Narishige, Japan). The glass capillary 
tips were cut and bent using microforge MF-900 (Narishige, 
Japan) to obtain micropipettes with inner diameter of 20 µm 
at angle of 30°. This guarantees that the tip of micropipette 
is perfectly parallel to the microscope focal plane. A new 
micropipette was used for every set of experiments. 

The micropipette capillary was precisely located inside a 
custom-built PDMS observation chamber containing OA 
solution, using a manual micromanipulator (Sutter 
Instrument, USA). In the beginning of every measurement, 
the micropipette tip was located at the same height as the 
two water reservoirs. The difference between hydrostatic 
pressures in the water reservoirs was used to apply a suction 
pressure to a portion of the membrane. The initial zero 
pressure state inside the micropipette was attained and 
calibrated by observing the flow of small particles at the tip. 
The aspiration pressure was controlled by adjusting the 
relative height of water reservoirs mounted vertically on a 

linear translational stage (Velmex, Inc.). The acquired 
hydrostatic pressures between the two reservoirs were 
measured by an ultra-low range differential pressure 
transducer (DP 103 Validyne Eng.). The output signal from 
the transducer was detected by a single-channel USB carrier 
demodulator (CD 17, Validyne Eng.). In order to ensure the 
system is at equilibrium, measurements were recorded after 
3 min of pressure adjustment. Further details of operating 
the micropipette aspiration was provided by Lu et al.57 

The bending and area expansion moduli were calculated  
based on the equilibrium theory that divides the stress-
strain relationship into low-tension and high-tension 
regimes.58 In the high-tension regime (𝜏𝜏 > 0.5 mN m–1), 
Evans and Rawicz confirmed that the apparent area strain 
varied linearly with tension due to the direct expansion of 
the area per molecule:58 

                                           𝜏𝜏 = 𝐾𝐾app𝛼𝛼app                                 (1) 

where 𝜏𝜏 is the applied tension, 𝐾𝐾app is the apparent area 
expansion modulus, and 𝛼𝛼app is the apparent area strain. The 
isotropic membrane tension is related to the applied 
withdrawal pressure (∆𝑃𝑃) as: 

                                         𝜏𝜏 =
∆𝑃𝑃𝑅𝑅C

2 �1 − 𝑅𝑅C
𝑅𝑅V
�

                                (2) 

where 𝑅𝑅C and 𝑅𝑅V are the micropipette capillary and 
vesicle radius, respectively. Also, we can calculate the 
apparent area strain as: 

                𝛼𝛼app =
∆𝐴𝐴
𝐴𝐴0

=
∆𝐿𝐿[(𝑅𝑅C/𝑅𝑅V)2 − (𝑅𝑅C/𝑅𝑅V)3]

2𝑅𝑅C
         (3) 

where, ∆𝐿𝐿 is the aspirated length of the membrane into 
the micropipette capillary, 𝐴𝐴 is the membrane area after 
aspiration in the high-tension regime, and 𝐴𝐴0 is the 
membrane area in the initial low-tension regime. In addition, 
the logarithm of tension varies linearly with area strain in the 
low-tension regime (𝜏𝜏 < 0.5 mN m–1): 

                                     ln(
𝜏𝜏
𝜏𝜏0

) = �
8𝜋𝜋𝜋𝜋
𝑘𝑘B𝑇𝑇

�𝛼𝛼app                         (4) 

where, 𝜏𝜏0 is the initial applied tension, 𝜋𝜋 is the bending 
modulus, 𝑘𝑘B is the Boltzmann constant, and 𝑇𝑇 is the absolute 
temperature.58 

 
Image processing 

Bright field images illustrating the GUVs and the flows in 
the channels were captured using an inverted microscope 
(Leica) and a CCD camera (Qimaging). The 
excitation/emission wavelengths for NBD and Alexa Flour™ 
568 conjugates were 463/536 nm and 578/603 nm, 
respectively. We used ImageJ for image processing and 
analysis. 
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Results and discussions 
Our microfluidic technique generates 50 to 150 µm 

diameter water-in-oil-in-water ultrathin double emulsions 
at high-throughput, which are used for building the 
asymmetric vesicles. Fig. 1 summarizes the entire process on 
the microfluidic-based chip. Initially, uniform water-in-oil 
emulsions are made at the first flow focusing region (Fig. 1a). 
The phospholipid molecules (i.e. lipid-1) that are present in 
the oil phase spontaneously assemble on the water-oil 
interface and proceed along the serpentine channel. This 
provides enough time for the lipid molecules to 
spontaneously assemble on the water-oil interface and 
eventually form the inner leaflet of the lipid bilayer 
membrane. Another advantage of the serpentine channel is 
to keep the two flow focusing regions apart from each other 
(i.e. Fig. 1a and 1e) and to dampen the induced perturbations 
along the microfluidic channels. Downstream from the 
serpentine channel (Fig. 1b), a series of triangular posts 
forces the emulsions to deflect across the streamlines (i.e. 
from the green stream into the yellow domain) and continue 
along the flow into the OL2 phase containing cholesterol. A 
comprehensive description of the oil separation 
performance of the triangular posts was discussed by Lu et 
al.59 Finally, the water in oil emulsions, covered with a 
monolayer of lipid-1 molecules (Fig. 1c), approach the 

second flow focusing region (Fig. 1d). The emulsions are 
enclosed within an ultrathin shell of OL2 phase containing 
cholesterol, and form water-in-oil-in-water (w/o/w) double 
emulsions (Fig. 1e). Through the outlet port, the w/o/w 
double emulsions and the excess OL2 oil droplets are 
collected from the chip into Eppendorf centrifuge tubes. The 
double emulsions encapsulating sucrose in the lumen sink to 
the bottom of the centrifuge tube in the OA solution with 
dissolved LPS molecules. This provides enough time for the 
LPS molecules to spontaneously assemble on the outer oil-
water interface due to their amphipathic nature.13,60 LPS 
molecules can also form micelles above the CMC in the OA 
solution. It is reported that the CMC of the wild type LPS from 
E. Coli O55:B5 and O26:B6 are 10 µg mL–1 and 14 µg mL–1, 
respectively.61,62 We assumed the same properties for the 
wild type LPS from P. aeruginosa and set the LPS 
concentrations above CMC to assure enough supply to the 
interface. 

After 30 min, centrifuge tubes were poked from the 
bottom and the OA phase drained into a custom-built 
observation chamber. This acted as a filtration method such 
that the excess OL2 oil droplets remained in the centrifuge 
tube. A solution of OA phase containing 14 vol% ethanol was 
gradually added to the OA domain in order to extract the 
intermediate oil layer from the double emulsions and to 
bring the two leaflets together. We observed the formation 
of lipid bilayers with and without cholesterol molecules 
embedded in the hydrophobic region of the membranes. This 
was likely due to the Van der Waals interactions between the 
fatty acid chains of the phospholipids and the lipid A section 
of the LPS molecules. The oil extraction process took up to 18 
hours to complete and was confirmed by the reduction in the 
thickness of double emulsions. 
 
Asymmetric architecture across the lipid bilayer membrane 

The lipid bilayer membrane asymmetry was qualitatively 
evaluated using a fluorescence-quenching assay. Since 
membrane-impermeable dithionite (NBD quencher, 
Na2S2O4) is unable to diffuse across the lipid bilayer, it cannot 
quench the fluorophore when NBD is deposited in the inner 
leaflet.63–68 Fig. 1c illustrates a fluorescent image of the water 
emulsions coated with a layer of NBD-tagged lipid 1 
molecules. As mentioned above, a series of triangular posts 
deflect the water emulsions from oil/lipid 1 stream into the 
oil/Chol that eventually results an asymmetric architecture 
across the lipid bilayer membrane. The two fluorescent 
images, Fig. 2d and 2e, illustrate the assembly of DOPE and 
LPS on the inner and outer interfaces, respectively. The 
asymmetrical assembly in synthetic phospholipid-LPS model 
membranes make them more relevant candidates to study 
bacterial function than conventional phospholipid-
phospholipid membranes. In order to confirm the 
asymmetry, the fabricated double emulsions were stored in 
the aqueous solution containing LPS for one, two, and three 
days (Fig. 2a, 2b, and 2c, respectively) followed by the oil 

Fig. 2 The asymmetry assay conducted on the model membrane (i) possessing 
DOPE/NBD-DHPE (200:1 mol%) in the inner leaflet and LPS/Alexa Flour™ 568 
(200:1 mol%) in the outer leaflet (n=3). GUVs were stored in aqueous solution 
for one, two, and three days in (a), (b), and (c), respectively, followed by the 
oil extraction process for each. The error bars are ± one standard deviation. 
The table demonstrates the average normalized steady intensity for each 
assay ± one standard deviation. The two florescent images, (d) and (e), 
confirmed the assembly of DOPE and LPS on the inner and outer interfaces, 
respectively. (f) The top-view of three dewetted oil shells upon adding the 
ethanol solution. The inset illustrates the side-view of a lipid bilayer 
membrane with an oil lens attached to it (i.e. the dark ring). All scale bars 
denote 100 μm. 
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extraction process that took about 18 h (n = 3). The 
quencher was added in portions of 10 µL every two minutes 
throughout the assay. As dithionite quenched the 
fluorophore, the fluorescent intensity was recorded over 
time and normalized by its maximum value at time zero (i.e. 
prior to adding the quencher to the extracellular domain). In 
all the plots, the normalized fluorescent intensity of the GUVs 
decreased in the first 5 minutes and stayed steady while 
adding more quencher to the outer aqueous domain. The 
steady state values of the normalized fluorescent intensity 
are reported in the table (Fig. 2). 

Vesicles that were stored for one day after fabrication 
showed a 20% drop in intensity. This may be due to the 
outward translocation (i.e. flip-flop) of the phospholipids 
across the lipid bilayer membrane.69–72 However, after two 
and three days, the intensity dropped by 50%. This means 
the degree of asymmetry across the membrane decreased in 
time while the ultrathin oil shells (i.e. vesicles with trapped 
oil layer) were stored in the OA solution73. We propose this 
was due to lipid flip-flop or lipid transfer across the oil layer. 
Nevertheless, vesicles used one day after fabrication showed 
strong asymmetry (i.e. greater than 80%) across the lipid 
bilayer. This assay confirms that our technique is capable of 
building stronger synthetic models of the OM in P. aeruginosa 
with an asymmetric lipid bilayer architecture. 
 

Effect of the inner-leaflet lipid composition on lipid bilayer 
membrane stability 

We built three asymmetric model membranes to 
investigate the stability of the double emulsions from 
fabrication throughout the oil extraction process (Fig. 3a). As 
reported by Tashiro et. al, the normalized percentage of PE, 
PG, and PC headgroups in P. aeruginosa OM was 60%, 27%, 
and 13%.27 Also, the fatty acid compositions of phospholipids 
in the cellular OM showed a 1:1 molar ratio of saturated to 
unsaturated aliphatic hydrocarbon chains. Therefore, we 
designed our lipid compositions as follows: (i) DOPE, (ii) 
DOPG/DPPE (1:1 mol%), and (iii) DOPG/DPPE/Chol (3:3:4 
mol%) in the inner leaflet and LPS in the outer leaflet (Fig. 2 
and 3). To probe the role of individual components and to 
make the fabrication process tractable, we did not build 
model membranes composed of more than two 
phospholipids. Model (i) is a lipid bilayer membrane with the 
phosphoethanolamine headgroups and dioleoyl chains (the 
majority of lipid constituents in the wild type P. aeruginosa 
OM, e.g. DOPE) in the inner leaflet and LPS in the outer leaflet. 
In model (ii), membranes were composed of a simplified, yet 
improved mimic of the OM in P. aeruginosa, lipid 
composition (i.e. DOPG/DPPE, 1:1 mol%) with a 1:1 molar 
ratio of saturated to unsaturated acyl chains (i.e. dipalmitoyl 
to dioleoyl). It has been reported that cholesterol and 
hopanoids exhibit similar ordering properties in eukaryotic 
and bacterial membranes, respectively, since they have 

Fig. 3 All panels illustrate the fabricated bacterial model membrane GUVs possessing phospholipids and LPS in the inner and outer leaflets, respectively. (a) 
The longevity and size distribution of our three model membrane designs for the oil extraction process. (b) Uniform vesicles containing 40 mol% cholesterol 
embedded in the lipid bilayer. (c) and (d) are fluorescent images of NBD-labeled DOPG/DPPE (1:1 mol%) and Alexa Flour™ 568-labeled LPS molecules assembly 
on the inner and outer leaflets, respectively. (e) The ultrathin double emulsion templates (ii) undergoing the partial dewetting transition after adding the 
ethanol solution to the extracellular domain. Red arrows point at the fully packed lipid bilayer membrane side of the double emulsions. The other droplets 
were excess oil drops present in the domain. (f) After introducing ethanol to the OA solution, the oil shell in model membrane (iii) ruptured into micro domains 
protruding outward from the surface. All scale bars denote 200 μm. 
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similar molecular structures.74 Therefore, in model (iii), we 
added cholesterol to the same binary mixture of the 
phospholipids as in model (ii) at a total ratio of 3:2 
(phospholipid:Chol). This concentration lies in the range of 
physiological cholesterol content in eukaryotic cells that can 
be as high as 50 mol%.75–78 

As shown in Fig. 3a, the ultrathin double emulsions in 
model (i) had a normal distribution in size with an average 
diameter of 98 ± 20 µm. We believe the reason for the 
polydispersity in size and relatively low longevity was due to 
the fact that DOPE is more suitable for forming inverted 
micellar structures than vesicles and spherical, ellipsoidal, or 
cylindrical micelles.79 The value of packing factor (i.e. 𝑣𝑣 𝑎𝑎0𝑙𝑙𝑐𝑐⁄ , 
where 𝑣𝑣 and 𝑙𝑙𝑐𝑐  are the volume and critical length of the 
hydrocarbon chain, respectively, and 𝑎𝑎0 is the optimal 
surface area per molecule on the interface) for lipids with 
very small optimal headgroup areas or with bulky 
polyunsaturated chains (e.g. unsaturated 
phosphatidylethanolamines, negatively charged lipids in the 
presence of Ca2+ ions, and cholesterol) is larger than one. 
Hence, it is energetically unfavourable for them to form lipid 
bilayers in GUVs. Also, the mismatch between the 
unsaturated fatty acid chains of DOPE and saturated chains 
in the Lipid A section of wild type LPS molecules can inhibit 
Van der Waals interactions. In order to resolve this and tune 
the lipid composition to a physiologically more relevant 
condition,27 we used a binary mixture of two phospholipids 
with higher phase transition temperatures (i.e. –18 °C for 
DOPG and 63 °C for DPPE). As is shown in Fig. 3a, the size 
distribution (i.e. an average diameter of 124 ± 25 µm) and 
longevity did not change significantly in model (ii), 
compared to model (i). However, adding cholesterol at a total 
molar ratio of 3:2 (i.e. 40 mol%) drastically enhanced the 
longevity of model membrane (iii) throughout the oil 
extraction process (Fig. 3b, 3c, and 3d). We propose that the 
presence of cholesterol in the ultrathin oil shell increases the 
affinity of saturated dipalmitoyl in DPPE and the 12 to 16 
carbon chains in the lipid A section of wild type LPS80 for 
oleic acid (i.e. cholesterol acts as a coupling agent and makes 
them more soluble in oleic acid). This enhances the assembly 
of the LPS molecules and hence increases the surface density 
on the outer oil-water interface to stabilize the oil shell.81 Fig. 
3b shows the fabricated GUVs after they were transferred to 
the OA phase containing LPS molecules. GUVs containing 
cholesterol remained stable and did not merge (Fig. 3b). Also, 
Fig. 3c and 3d confirmed the success in making stable GUVs 
possessing the ternary mixture of lipids (i.e. 
DOPG/DPPE/Chol, 3:3:4 mol%) and LPS, in the inner and 
outer leaflets, respectively. As was previously reported, 
cholesterol can assemble in the lipid bilayer and fill the gaps 
in between the kinks in unsaturated cis fatty acid chains. We 
found that a 40 mol% cholesterol was necessary to form 
stable and uniform asymmetric model membrane (iii) of the 
OM in P. aeruginosa. 

The double emulsion templates with ultrathin oil shells 
were used to form the lipid bilayer membranes. Unlike an 
aqueous solution, oleic acid is a good solvent for the 

phospholipids and cholesterol, enabling them to remain fully 
dissolved during the double emulsion formation. Also, the 
inner water-oil and outer oil-water interfaces are 
energetically favorable for the phospholipids and LPS 
molecules to spontaneously assemble due to their 
amphipathic nature.13,60 Since oleic acid is insoluble in water 
but is soluble in ethanol, we introduced an OA solution 
containing 14 vol% ethanol to extract oleic acid (i.e. Fig. 3e 
and 3f show model membranes (ii) and (iii), respectively). In 
both cases, partial spontaneous dewetting events were 
initiated upon adding the ethanol solution to the 
extracellular domain. In model membrane (ii), as the ethanol 
solution was introduced to the extracellular domain, the 
ultrathin shells divided into two domains: (a) a fully packed 
lipid bilayer membrane indicated by the red arrows, and (b) 
the organic phase formed into one oil lens on the opposite 
side (Fig. 3e). However, model membrane (iii) showed a 
different spontaneous dewetting event (Fig. 3f). The 
ultrathin oil shell ruptured into micro domains (i.e. dark 
circular spots that were visible due to the difference in the 
refractive index of organic and aqueous phases) that looked 
like lenses bulging out from the lipid bilayer membrane 
surface. The observation of partial dewetting implies the 
existence of an adhesive interaction between the aqueous 
phases that is comparable to the interfacial tension of the 
lipid monolayers, as previously observed in both oil-in-
water, and water-in-oil single emulsion systems.49,50,81–85 We 
propose that the dewetting transition happens in cases 
where the two lipid monolayers, assembled on the inner and 

Fig. 4 The dewetting transition of a model membrane composed of 
DOPC/DPPC/Chol (3:3:4 mol%) and LPS in the inner and outer leaflets, 
respectively. (a) Illustrating a dewetting event triggered by a mechanical 
perturbation (i.e. tapping the double emulsion with a micropipette capillary). 
(b) A slight suction was introduced to the tip of the micropipette capillary that 
initiated a local dewetting. The lipid bilayer continued to grow throughout the 
entire surface and resulted in the accumulation of the trapped oil into a 
droplet. The oil droplet looked blurry since it was out of the focal plane. (c) 
The schematic of enforced dewetting initiated at the interface of 
micropipette tip and the oil shell. (d) and (e) confirmed a fully packed 
assembly of DOPC/DPPC/NBD-DHPE (100:100:1 mol%) and LPS/Alexa Flour™ 
568 (100:1 mol%) at the point of contact. All scale bars denote 50 μm. 
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outer water-oil interfaces, have a greater affinity for each 
other than to remain dissolved in the organic phase. 
Therefore, as the two monolayers come into contact, 
hydrophobic interactions between the lipid tails initiates the 
dewetting and stabilizes the inner droplet against 
coalescence with the exterior aqueous phase. 

We also observed a similar partial dewetting transition in 
model (i) upon adding the ethanol solution (Fig. 2f). As is 
shown, the organic phase was accumulated to one side 
forming an oil lens attached to the lipid bilayer membrane 
(i.e. the black ring). However, during the dewetting 
transition, some oil was left behind in the membrane in the 
shape of darker micro domains (i.e. the homogeneous 
hexagonal pattern in three double emulsions). This is 
opposed to Fig. 3e in which the dewetting transition left a 
clean lipid bilayer membrane behind (identified by the red 
arrows in Fig. 3e). We propose that in model membrane (ii), 
a stronger attractive interaction between the acyl chains in 
DPPE, DOPG, and wild type LPS dominates the interfacial 
tension. Therefore, no oil remains in the lipid bilayer 
membrane as it assembles. However, in case (i), a weaker 
interaction between DOPE and LPS leaves some oil behind. 
This may be similar to model membrane (iii) that possesses 
40 mol% cholesterol. It has been reported that cholesterol 
increases the bending and area expansion moduli of lipid 
membranes but also, allows them to have a high fluidity.3 
Therefore, in the presence of cholesterol, the oil shell 
ruptures into micro domains forming lenses on the 
membrane (Fig. 3f). In addition, a crucial aspect of this 
phenomenon is the choice of the organic solvent as the lipids 
must be highly soluble in it.83 It is noteworthy to mention 
that upon adding the ethanol solution, ethanol diffuses into 
the oleic acid (since they are miscible) and this can 
effectively lower the affinity of saturated and unsaturated 
acyl chains for oleic acid to remain fully dissolved in the 

organic phase. This would initiate the dewetting transition 
and form the lipid bilayer membrane. We propose that 
introducing ethanol to the extracellular domain can initiate a 
dewetting transition on the ultrathin oil shells, and results in 
forming lipid bilayer membranes with one or multiple oil 
lenses attached to them. 

To further understand the driving mechanism behind the 
dewetting transition, we introduced a mechanical 
perturbation to the ultrathin double emulsions to trigger the 
dewetting event without ethanol. We found that the 
concentration of 100 µg mL–1 LPS in the OA solution was 
sufficient to stabilize the ultrathin oil shells initially in Fig. 2 
and 3, but too low to result in a complete dewetting 
transition. Thus, our results suggest that obtaining a 
complete dewetting transition requires a greater 
concentration of 300 µg mL–1. Also, to be able to form stable 
membranes, we picked a different lipid composition that 
maintains the 1:1 molar ratio of saturated to unsaturated 
fatty acid chains, but possesses one zwitterionic headgroup 
(i.e. DOPC/DPPC/Chol 3:3:4 mol%). Fig. 4a shows a series of 
time lapse images from triggering the dewetting (i.e. a slight 
impact by the micropipette) until a complete detachment of 
an oil droplet from the lipid bilayer membrane. In the first 
panel, the dewetting starts in three separate areas, forming 
the lipid bilayer membrane and consequently pushing the 
trapped oil to the opposite side. Ultimately, the excess oil 
droplet detaches from the lipid bilayer membrane, which 
contains no oil residuals in between the two leaflets. In 
addition, Fig. 4b illustrates another dewetting event that was 
induced by drawing a portion of the oil shell into a 
micropipette capillary. In the first three panels, the double 
emulsion was able to withstand the induced tension and 
remain stable. However, by increasing the tension, the 
dewetting started from the tip of micropipette capillary and 

Fig. 5 The micropipette aspiration method tested on GUVs possessing DOPC/DPPC/Chol (3:3:4 mol%) and LPS in the inner and outer leaflets, respectively. (a) 
As is depicted in the four panels, by increasing the withdrawing hydrostatic pressure (i.e. from 36 to 215 Pa) a portion of the lipid bilayer membrane was 
drawn into the micropipette aspirator. The scale bar denotes 100 μm and is the same in all panels. (b) The plot shows the logarithm of tension (i.e. blue 
squares) and tension (i.e. red triangles) versus the apparent area strain. The lines are fitted to the blue squares and red triangles in the low- and high-tension 
regimes, respectively.  The R-squared values are larger than 90%. The schematics in the inset illustrate our hypothesis on the effect of repulsive electrostatic 
stress between the lipid A section of LPS molecules on the bending and area expansion moduli (see text). 
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grew across the entire surface, forming an oil droplet located 
on top of the lipid bilayer membrane. Fig. 4c illustrates a 
schematic representation of the dewetting event induced by 
the micropipette aspirator. We propose that this arises from 
a depletion effect due to the lateral migration of the 
assembled lipids towards the micropipette tip (Fig. 4d and 
4e). As is shown, a brighter fluorescent intensity implies a 
fully packed assembly of the lipids close to the capillary tip. 
 
Measuring the mechanical properties of lipid bilayer 
membranes 

Biological membranes have a stiffness that is determined 
by the composition of their lipid bilayer. Therefore, the 
knowledge of mechanical properties (i.e. bending and area 
expansion moduli) is necessary to clarify the role of each 
constituent, and thus to understand the behavior of the 
membrane. As mentioned above, the assembly of cholesterol 
in the lipid bilayer membrane (iii) enhanced the stability of 
the GUVs (Fig. 3a and 3b). In a similar fashion, we observed 
enhancement in the stability of asymmetric GUVs composed 
of DOPC/DPPC/Chol in the inner leaflet without any 
imperfections (i.e. without oil lenses attached to them). The 
area expansion modulus of GUVs possessing a ternary 
mixture of DOPC/DPPC/Chol (3:3:4 mol%) in the inner 
leaflet and LPS in the outer leaflet was measured using 
micropipette aspiration. By applying the suction pressure in 
the high-tension regime (𝜏𝜏 > 0.5 mN m–1), Evans and Rawicz 
confirmed the prediction of equilibrium theory that the 
apparent area strain varied linearly with tension due to the 
direct expansion of the area per molecule.58 This was 
observed in our experiments, shown by the red triangles in 
Fig. 5b. As depicted in the plot in Fig. 5b, by fitting a linear 
curve onto the data in the high-tension regime, we measured 
the value for the apparent area expansion modulus. GUVs 
composed of DOPC/DPPC/Chol (3:3:4 mol%) and LPS in the 
inner and outer leaflets, respectively, showed an apparent 
area expansion modulus of 119 ± 26 mN m–1 (n = 5). This is 
lower than the values reported for asymmetric phospholipid 
GUVs (inner leaflet: DOPC–outer leaflet: DMPC), 224 ± 15 
mN m–1.57 We propose this is due to: (i) the excess repulsive 
electrostatic lateral tension due to the presence of LPS 
molecules (schematic illustration in Fig. 5b), and (ii) the 
shorter fatty acid carbon chains for Lipid A compared to 
DMPC (i.e. 10 to 12 carbons in Lipid A, and 14 in DMPC). The 
former reason acts in favor of isotropic area expansion and 
the later provides lesser hydrophobic interactions in 

between the fatty acids in the lipid bilayer. Consequently, 
lipid bilayer membranes composed of an asymmetrical 
assembly of lipids (i.e. a ternary mixture of DOPC/DPPC/Chol 
(3:3:4 mol%) in the inner leaflet and LPS in the outer leaflet) 
showed lower resistance to expansion that resulted in 
smaller values for the apparent area expansion modulus. 

In addition, the apparent area strain increases 
logarithmically with tension in the low-tension regime (𝜏𝜏 < 
0.5 mN m–1).58  Therefore, the slope of the fitted line on ln(𝜏𝜏) 
versus 𝛼𝛼app in the low-tension regime (i.e.  the blue square 
data points) determines the value of the membrane bending 
modulus. We measured the bending modulus for the 
asymmetric GUVs (i.e. a ternary mixture of DOPC/DPPC/Chol 
(3:3:4 mol%) in the inner leaflet and LPS in the outer leaflet) 
at 𝑇𝑇 = 22.5 °C to be (11.1 ± 3.7) × 10−20 J (n = 3). This is 
lower than the values reported for asymmetric phospholipid 
GUVs (inner leaflet: DOPC–outer leaflet: DMPC), (16.8 ± 2.1) 
× 10−20 J.57 We propose that the two aforementioned 
reasons for a lower area expansion modulus also result in a 
lower bending modulus (schematic illustration in Fig. 5b). 
However, symmetric lipid bilayer membranes (inner leaflet: 
DOPC/DMPC–outer leaflet: DOPC/DMPC) with a similar 
value for the bending modulus ((11.2 ± 1.4) × 10−20 J) 
showed greater resistance against expansion (159 ± 13 mN 
m–1), compared to asymmetric ones with LPS.57 This suggests 
that the electrostatic repulsions between the lipid A section 
of LPS play a significant role in lowering the area expansion 
modulus. 

Note that the apparent area expansion and bending 
moduli were measured with Mg2+ ions present in the IA and 
OA solutions. It is noteworthy that a comprehensive 
understanding of the effect of salt concentration on 
membrane rigidity is lacking. This knowledge could be used 
to build membranes with tailored lipid composition (in the 
presence of an associated salt concentration) to achieve 
different rigidities for various biological functions. It is 
believed that Mg2+ ions provide stability by building cross 
bridges in between the negative phosphate groups in anionic 
phospholipids and LPS.86,87 The presence of Mg2+ close to the 
lipid bilayer should suppress the repulsive electrostatic 
lateral tension and consequently influence the mechanical 
properties of the membrane (i.e. bending and area expansion 
moduli).88 Therefore, in the presence of Mg2+, asymmetric 
phospholipid-LPS GUVs possessing either anionic or 
zwitterionic phospholipids in the inner leaflet should show 

Inner leaflet Outer leaflet Bending Modulus (10–20 J) Area Expansion Modulus (mN m–1) n 
DOPC/DPPC/Chol 

(3:3:4 mol%) 
LPS 11.1 ± 3.7 119 ± 26 3-5 

DOPC/DMPC  
(1:1 mol%) 

DOPC/DMPC 
(1:1 mol%) 

11.2 ± 1.4 57 159 ± 13 57 8 

DOPC DMPC 16.8 ± 2.1 57 224 ± 15 57 8 
     

Table 1 Experimental values for bending 𝜋𝜋 and apparent area expansion Kapp moduli for synthetic lipid bilayer membranes ± one standard deviation. 
Measurements were obtained using micropipette aspiration at T = 22.5 °C. Values for the phospholipid:phospholipid membranes are from our previous work. 
n determines the number of membranes that were tested. 
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an increase in the magnitude of the area expansion modulus 
and be able to resist strain. 

Conclusions 
In this work, we reported on the formation of asymmetric 

model membrane systems (i.e. GUVs) that resembled the 
outer membrane lipid composition and transbilayer 
architecture of the Gram-negative bacillus, P. aeruginosa, 
more accurately. The lipid bilayer architecture and 
composition of the fabricated model membranes make them 
suitable candidates to study the bacterial function in 
antimicrobial studies. Our microfluidic technique generates 
50 to 150 µm diameter water-in-oil-in-water ultrathin 
double emulsions at high-throughput, which are used for 
building the asymmetric vesicles. We used a microfluidic-
based technique to make asymmetric vesicles possessing 
four different phospholipid compositions in the inner leaflet 
and LPS in the outer leaflet. The water-oil and oil-water 
interfaces facilitate the spontaneous self-assembly of 
phospholipid and LPS molecules to create the inner and 
outer leaflets of the lipid bilayer, respectively. Membranes 
that were stored for one day showed a 20% drop in 
asymmetry across the lipid bilayer compared to a 50% drop 
for 2 and 3 days of storage. We also investigated the 
separation of the organic phase mechanism (i.e. dewetting) 
throughout the oil extraction process and by implementing 
mechanical aspiration. Changes in the inner-leaflet lipid 
compositions showed different behavior in dewetting. Model 
membranes composed of DOPE and DOPG/DPPE (1:1 mol%) 
showed a lower stability compared to the ones possessing 40 
mol% cholesterol. Also, cholesterol had a significant impact 
on the dewetting transition in the model membranes that 
were physiologically more relevant to the P. aeruginosa OM. 
Values for the bending and area expansion moduli of 
asymmetric model membrane systems were reported. We 
conclude that the membranes containing LPS comply with 
the assumption of isotropic area expansion, show lower 
resistance to lateral expansion, and are more flexible than 
the ones that are purely composed of phospholipids. 
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