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The design of compact nanoprobes for multimodal bioimaging is a current challenge and may have a

major impact on diagnostics and therapeutics. Multicomponent gold–iron oxide nanoparticles have

shown high potential as contrast agents in numerous imaging techniques due to the complementary

features of iron oxide and gold nanomaterials. In this paper we describe novel gold–iron oxide Janus

magnetic–plasmonic nanoparticles as versatile nanoprobes for multimodal imaging. The nanoparticles are

characterized as contrast agents for different imaging techniques, including X-ray computed tomography

(CT), T2-weighted nuclear magnetic resonance imaging (MRI), photoacoustic imaging (PA), dark-field and

bright-field optical microscopy, transmission electron microscopy (TEM), and surface enhanced Raman

spectroscopy (SERS). We discuss the effect of particle size and morphology on their performance as con-

trast agents and show the advantage of a Janus configuration. Additionally, the uptake of nanoparticles by

cells can be simultaneously visualized in dark- and bright-field optical microscopy, SERS mapping, and

electron microscopy. These complementary techniques allow a complete view of cell uptake in an arti-

fact-free manner, with multiplexing capabilities, and with extra information regarding the nanoparticles’

fate inside the cells. Altogether, the results obtained with these non-invasive techniques show the high

versatility of these nanoparticles, the advantages of a Janus configuration, and their high potential in

multipurpose biomedical applications.

Introduction

The use of non-invasive imaging techniques is one of the
current pillars of biomedicine for the early detection and
screening of diverse pathologies, and their therapeutic treat-
ment. In vivo imaging methods such as magnetic resonance
imaging (MRI), X-ray computed tomography (CT), positron
emission tomography (PET), single-photon emission com-
puted tomography (SPECT), ultrasound (US), optical near
infrared (NIR) imaging, or photoacoustic (PA) imaging are
some of the most common techniques. Each of these tech-

niques offers specific advantages, related e.g. to: spatial resolu-
tion, sensitivity, penetration depth, imaging time, ease of use,
cost, or availability of the technique. This means that there is
not a one-to-serve-them-all technique.1–3 Such current limit-
ations are usually overcome by making use of combinational
imaging techniques (multimodal imaging) and contrast agents
that improve their sensitivity and resolution.1–5 Additionally, to
gain further information about specific pathologies or thera-
peutic treatments, in vivo imaging requires complementary
microscopy techniques (in vitro and ex vivo histology experi-
ments) that provide sufficient information at the cellular level.

Nanomaterials have demonstrated unparalleled efficiency
as contrast agents in various imaging techniques, thereby con-
tributing to the advancement of this field. Their rapid expan-
sion as contrast agents is mainly due to their unique, nano-
scale-related properties, such as superparamagnetism, fluo-
rescence, and plasmon resonances, together with slow
diffusion times in biological media and easy surface
functionalization for targeting and drug delivery.1,6 Despite
this progress, further advances in multimodal imaging require
more complex nanoparticles that can act as contrast agents
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simultaneously in different techniques, i.e. which allow multi-
modal imaging with enhanced resolution, sensitivity, and
functionality. From this point of view, multicomponent nano-
particles displaying combined nanomaterial properties are
unique tools as main enablers of biomedical therapies. From
the wide variety of currently available multicomponent nano-
particles, those made of gold and iron oxide have proven to be
exceptional candidates for biomedical applications in general,
and for multimodal imaging in particular. Among such pro-
perties, superparamagnetism in iron oxide nanoparticles
stands out because it allows magnetic handling and targeting,
magnetic hyperthermia, as well as contrast in T2-weighted
MRI.7–9 Gold nanoparticles on the other hand display localized
surface plasmon resonances (LSPR), and intense light scatter-
ing. This plasmonic behavior renders them highly effective as
contrast agents in dark-field optical imaging, valuable sub-
strates for surface enhanced Raman scattering (SERS) detec-
tion, and efficient nanoheaters in photothermal therapies.10,11

Furthermore, both gold and iron oxide are biocompatible and
can be easily functionalized, thanks to the affinity of different
chemical functional groups toward the nanoparticle surface,
including thiols for gold, and catechols, silanes or diols for
iron oxide, among others.

Diverse nanoparticle morphologies have been reported
which combine gold with other nanomaterials, including not
only iron oxide but also quantum dots, up-converting nano-
particles, and others.12–15 In the case of gold–iron oxide nano-
particles, most of them correspond to core–shell iron oxide–
gold structures,16–23 but other morphologies include core–
satellite,24,25 heterodimers (also called dumbbells),26–28 or larger
polymeric and silica embedded assemblies.29,30 Each mor-
phology presents different features, including stability in bio-
logical media, easy access of water to the iron oxide surface
that increases magnetic relaxivity, or higher magnetic or plas-
monic activity. Aspects such as easy functionalization or com-
pactness should also be taken into account toward biomedical
applications. The use of compact nanoparticles prevents, for
example, clearance through the liver and spleen and can
help achieve higher penetration in cancer tissues while
retaining structural integrity until the biomedical function is
achieved.1,15,22

Janus nanoparticles (with two chemically different surface
regions) have emerged as exceptional candidates toward many
technological and biomedical applications. Their strong inter-
action with interfaces has been used e.g. to create emulsified
nanoreactors, filtering nanomembranes, or block-copolymers
with optical and electronic properties.31,32 Other uses include:
antireflecting surfaces, electronic displays, nanoswimmers,
or as building blocks for more complex molecular colloids
and supracrystals.33–36 They offer extraordinary potential in
biomedicine, as they can mimic natural biomolecules, have
directed interactions with cell membranes, or offer regions
with high concentrations of biofunctional molecules, while
keeping multiple functionalities.37–39

Here we highlight the use of versatile magnetic–plasmonic
Janus nanoparticles composed of an iron oxide nanosphere

and a branched gold nanostar (hereafter called Janus magnetic
nanostars), as contrast agents for multimodal imaging. The
Janus character of these nanoparticles offers easy and selective
functionalization of each side of the inorganic core. They
further allow easy access of water to the iron oxide surface,
contrary to core–shell nanoparticles, and, as opposed to
simpler Janus dumbbell-like nanoparticles, they exhibit strong
plasmonic activity with intense plasmon resonances in the
NIR (first biological transparency window).40,41 In addition, as
described below, the strong plasmonic behavior and high
stability in biological media can be preserved even when the
size is as small as 25 nm. We evaluated in detail their mag-
netic and plasmonic properties to determine their multifunc-
tional capabilities, and subsequently evaluated their properties
as contrast agents in 3D tomography imaging techniques. This
includes the determination of relaxivity constants in T2 or
spin–spin MRI as a function of nanoparticle morphology (iron
oxide and gold nanostar relative sizes), the X-ray attenuation
efficiency in CT as a function of gold content and X-ray energy,
and the concentration and wavelength dependence in PA.
Finally, analysis of cell uptake was used to evaluate the poten-
tial use of these nanoparticles as contrast agents in label-free
dark- and bright-field optical imaging, TEM, and SERS
imaging, thereby offering the possibility for barcode-like
identification (multiplexing) of nanoparticle-loaded cells.

Results and discussion

Janus magnetic nanostars (JMNSs) were synthesized by modifi-
cation of a recently reported method,42 using two seed-
mediated growth steps. The synthesis starts with the formation
of gold nanospheres that are used as seeds for gold–iron oxide
nanodumbbells, which are subsequently used as seeds for the
directional growth of asymmetric gold nanostars. In this work,
the synthesis was simplified by addition of carboxyl-terminated-
PEG to the nanodumbbells, rendering them soluble in
N,N-dimethylformamide (the solution in which nanostar syn-
thesis takes place, see Experimental section). This avoids
difficulties related to phase-transfer of nanodumbbells, which
are initially stabilized by oleic acid and oleylamine, into
water.7,43–45 Fig. 1 shows representative TEM images corres-
ponding to nanoparticles formed at different nanodumbbell
seed concentrations (and constant amount of gold precursor).
Varying this parameter, nanoparticles with average diameters
ranging from ∼20 nm to ∼50 nm were readily synthesized (for
clarity we named these nanoparticles as JMNS.XX.YY where XX
and YY correspond to the average diameter of the iron oxide
part and of the whole nanoparticle, respectively). Fig. 1a shows
representative TEM images of the different synthesized nano-
particles, comprising a 16 nm iron oxide domain and varying
gold nanostar size. As the size decreases, it becomes easier to
identify the iron oxide domains and we observe a decrease in
the number of nanostar tips, reaching as few as 3–4 tips per
nanoparticle for JMNS.16.25. If the amount of seeds added to
the growth solution is largely increased, we reach a situation
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(JMNS.16.19) where only one or two “embryonic” tips are
observed per nanoparticle, producing “L” or “T” shaped gold
domains, rather than nanostars.

We also synthesized nanoparticles containing iron oxide
domains with diameters up to 20 nm, by changing the gold–
iron ratio in the dumbbell formation step, and used them
to grow JMNSs of different sizes. Shown in the ESI† are
TEM images for nanoparticles with three different sizes,
JMNS.20.43, JMNS.20.41, and JMNS.20.36, which display
similar morphologies to those presented in Fig. 1.

Fig. 1b shows a high resolution TEM image of a JMNS.16.28
nanoparticle where both components can be easily distin-
guished. The gold nanostar comprises single crystal tips, while
the iron oxide corresponds to a single crystal sphere (or two
crystal lobes in some cases) with the spinel lattice of iron
oxide. X-ray photoelectron spectroscopy (XPS) analysis of the
initial dumbbell seeds yields a Fe3+/Fe2+ ratio of ca. 2.2
(see ESI†), indicating that most of the iron oxide corresponds
to the magnetite (Fe3O4) phase. Finally, high-angle annular
dark-field scanning electron microscopy (HAADF-STEM), and

Fig. 1 (a) TEM images of different JMNSs obtained by varying the ratio of nanodumbbells-seeds to gold salt. As the nanoparticle size decreases, the
iron oxide part (light grey) can be distinguished from the gold domain (dark grey or black). (b) High resolution TEM image of a nanoparticle
(JMNS.16.28) showing single crystal nanostar tips and Fe3O4. (c) HAADF-STEM image of (JMNS.16.28), where gold appears white while iron oxide
appears grey. (d) EDX mapping of Fe (green) and Au (red) domains in (c). (Scale bars for (a), (c) and (d) = 100 nm; scale bar for (b) = 10 nm.)
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energy-dispersive X-ray (EDX) mapping of Fe and Au atoms,
show a clear segregation of gold and iron in the two distinct
nanoparticle domains (Fig. 1c and d). As we have previously
demonstrated using EDX tomography the nanoparticles show
Janus character, independently of the size of the gold part.42

The resulting nanoparticles show well-defined LSPR bands
(Fig. 2a) in the NIR around 700–800 nm, corresponding to a
tips-body hybridized plasmon mode,46 and a smaller band
(shoulder) around 500–600 nm corresponding to the nanostar
body. Bigger nanoparticles show in general red-shifted LSPRs,
likely due to an increased aspect ratio of the nanoparticle tips.
It should be noted that the largest nanoparticles, JMNS.16.47,
fall out of the trend, most probably due to secondary nuclea-
tion (and increased polydispersity), which leads to a LSPR
blue-shift. We found that the smallest JMNSs that still exhibit
strong LSPR intensity in the NIR are the 25 nm nanoparticles.
Below that size, i.e. JMNS.16.19, complete nanostars are not
formed, so that only a broad and low intensity band is
observed around 600–700 nm, while the band at 500–600 nm
dominates. Similar NIR absorbance at 700–800 nm was
observed for nanoparticles containing 20 nm iron oxide cores
(Fig. 2b), with red-shifted LSPR when increasing particle size,
up to certain size where polydispersity increases (see Table 1
and lower magnification TEM images in the ESI†).

In the case of nanodumbbells, the LSPR peak is centered
around 550 nm (far from the NIR region) and is strongly
damped by the presence of iron oxide.47 Moreover, the growth
of the larger gold domain, using polyvinylpyrrolidone (PVP) as
surfactant, provides the nanoparticles with high stability in
water, PBS, and cell media. The heterodimers can thus be
readily transferred from non-polar organic solvents into water.
Despite the high colloidal stability, slow reshaping (or tip
rounding) was observed for most samples, as previously
reported for other gold nanostar systems.48,49 Reshaping was
however dependent on particle size. For example, after
∼6 months in aqueous solution, the reshaping of JMNS.16.37
and JMNS.20.41 was not perceptible in TEM and the LSPR
band was blue-shifted by only 20 and 18 nm, respectively.
However, for JMNS.16.25 TEM images showed some aggrega-
tion and significant reshaping into a spheroidal shape, while
JMNS16.19 showed complete aggregation.

The magnetic properties of the nanoparticles, before and
after growing the gold nanostars (nanodumbbells and JMNSs),
were studied for two different sizes. Fig. 3 shows the magneti-
zation, M(H) and M(T ) plots, of the nanodumbbells used as
seeds (with iron oxide diameters of ∼16 nm (a.1 and a.2) and
∼20 nm (b.1 and b.2), ND.16 and ND.20, respectively). None of
the nanodumbbells showed remanence or coercivity (see
insets in a.1 and b.1), as expected for superparamagnetic
nanoparticles. After gold nanostar growth (JMNS.16.25, and
JMNS.20.41), the superparamagnetic behavior was maintained
(Fig. 3a.3 and b.3). Analysis of the normalized magnetization
M/Ms (H), according to the Langevin model (model explained
in ESI†), yields a size distribution centered around 13.5 nm for
ND.16 and 15.5 nm for JMNS.16.25, in both cases close to the
size measured by TEM (16.2 ± 2.8 nm). The same behavior can
be observed for JMNSs containing 20 nm iron cores. In this
case, the Langevin approach yields a mean size of 19.9 nm for
(ND.20) and 18.3 nm (JMNS.20.41), again in good agreement
with the size measured using TEM (20.5 ± 4.0 nm) (the fitting
of the plots is presented in the ESI†). Magnetic characteriz-
ation was carried out by using highly dilute samples, in which
the low iron oxide concentration makes it difficult to extract
precise values for some magnetic parameters, such as the satu-
ration magnetization. In general, the saturation magnetization

Fig. 2 UV-Vis spectra of two sets of JMNSs obtained by varying the
synthesis parameters. (a) Nanoparticles with a 16 nm iron oxide domain
and different gold nanostar sizes, the average total size ranging from 19
to 47 nm. (b) Nanoparticles with a 20 nm iron oxide domain and
different gold nanostar sizes, the average total size ranging from 36 to
43 nm.

Table 1 Characteristic parameters of the different JMNS versions. TEM
sizes, ICP-MS elemental analysis, and magnetic relaxivities

Sample
Average
diameter (nm)

Au/Fe
(mol/mol)
by ICP

r2
(s−1 mM−1)

r1
(s−1 mM−1)

JMNS.16.47 46.9 ± 8.2 29.1 176.3 5.49
JMNS.16.43 43.0 ± 6.8 16.9 195.2 7.83
JMNS.16.37 36.7 ± 4.9 9.0 210.8 9.43
JMNS.16.28 28.5 ± 2.9 3.8 285.3 12.6
JMNS.16.25 25.0 ± 2.9 2.0 294.6 13.6
JMNS.16.19 19.4 ± 3.2 0.24 — —
JMNS.20.43 43.2 ± 10.3 22.9 320.3 6.23
JMNS.20.41 41.6 ± 5.9 4.0 381.4 8.79
JMNS.20.36 35.8 ± 5 2.3 375.1 9.57
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of the tested nanoparticles ranged from 45 to 70 emu gFe
−1,

which is within the usual range reported in the literature for
iron oxide nanoparticles.24,26–28,50,51

M(T ) measurements were conducted using the Zero Field
Cooling-Field Cooling protocol (ZFC/FC). As shown in Fig. 3a.2
and a.4 for JMNS.16 and JMNS.16.25, respectively, only minor
changes in the magnetic properties were observed as a conse-
quence of growing gold tips. The maximum of the ZFC line is
rather wide in both cases, reflecting a moderately broad size
distribution, as well as some degree of interparticle coupling.
Under these conditions, the small mismatch between samples
with and without gold tips is likely related to variations of ran-
domly distributed local dipolar interactions. This can be con-
firmed to some extent by performing a fit of the experimental
data in the framework of a model for non-interacting single
magnetic domains, which includes the intrinsic temperature
dependence of the effective anisotropy (see ESI† for details).
Using this approach and assuming that the magnetization of

iron oxide nanoparticles is around 400 emu cm−3,51 the
theoretical curves correspond to average particle sizes of
15 nm, in good agreement with the hysteresis curves and TEM
analysis. Moreover, the values of the effective anisotropy con-
stants at room temperature (RT) Keff hardly change before and
after growth: Keff_ND.16 = 18.6 kJ m−3 (RT); Keff_JMNS.16.25 = 17
kJ m−3 (RT). The same discussion applies to samples comprising
larger iron oxide particles, i.e. ND.20 and JMNS.20.41,
which exhibit a higher blocking temperature and a
calculated average size of ∼19.5 nm, also in agreement with
TEM (20.5 ± 4 nm). Keff remains similar: Keff_ND.20 = 18 kJ m−3

(RT) and Keff_JMNS.20.41 = 13 kJ m−3 (RT). We also observed that
the ZFC of JMNS.20.41 becomes a little wider and smoother
than that for ND.20, likely due to stronger interparticle
interactions.

Overall we can conclude that, iron oxide nanoparticles
remain virtually unchanged after growing Au tips on nano-
dumbbells, and importantly, their superparamagnetic pro-
perties are maintained, thereby enabling e.g. magnetic purifi-
cation without permanent magnetic aggregation, as well as
magnetic targeting.

Magnetic resonance imaging

Iron oxide nanoparticles are known to be excellent negative
contrast agents in spin–spin T2 weighted MRI, due to the high
magnetic field heterogeneities created at the protons of water
molecules located close to the nanoparticles surface.52–54 The
r2 relaxivities produced by our JMNSs were calculated via
measurement of relaxation times at different concentrations
(1/T2 vs. [Fe] plots are shown in ESI†). Fig. 4 and Table 1 show
the relaxivity values obtained for JMNSs with 16 nm (red) and
20 nm (blue) iron oxide domains. The nanoparticles with
smaller iron oxide parts yield high values of r2 between ∼180
and ∼300 s−1 mM−1. Relaxivity was found to increase with
decreasing particle size, with a more pronounced variation for
smaller nanoparticles (low [Au]/[Fe] ratio), whereas an almost
constant value was determined for larger nanoparticles. An
increase in relaxivity was observed for nanoparticles with
larger iron oxide domains, reaching values of ca. 300–400
s−1 mM−1, with a similar decrease for increasing gold nanostar
domains.

We additionally noted that nanoparticles with 16 nm iron
oxide cores induced higher relaxivity values than those for
most commercially available iron oxide nanoparticles, used in
clinical MRI (for example, Ferrumoxytol has a r2 of 89 s−1

mM−1, Ferridex 120 s−1 mM−1, Ferumoxtran-10 65 s−1 mM−1,
and Resovist 38 s−1 mM−1, when measured at 1.5 T), and in
line with the best non-doped iron oxide nanoparticles.7,50 It
should be mentioned that such high relaxivity values are likely
related to their Janus character, which allows closer access of
water molecules to the iron oxide surface. In this regard, the
initial growth of the gold part removes many water molecules
from the vicinity of the iron oxide surface, thereby decreasing
relaxivity. As the nanostars grow farther away from the iron
oxide surface in a Janus conformation, removal of the closest

Fig. 3 Hysteresis loops measured at room temperature and ZFC–FC
curves for nanodumbbells and JMNSs with two different iron oxide
sizes. a.1 and a.2 correspond to ND.16; a.3 and a.4 to JMNS.16.25, both
with an iron oxide diameter of ∼16 nm. b.1 and b.2 correspond to
ND.20; b.3 and b.4 to JMNS.20.41, with ∼20 nm iron oxide part.
Magnetization was normalized to the saturation value (reduced magne-
tization) for the sake of comparison and quantitative analysis.
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water molecules decreases, resulting in much lower relaxivity
attenuation.

Fig. 4 also shows that the r2 value increases with the size of
the iron oxide domain, likely due to the increase in saturation
magnetization with particle size. An enhancement around 100
s−1 mM−1 is observed for 20 nm iron oxide nanoparticles, as
compared to those with 16 nm. A further increase is expected
for bigger iron oxide components, but this could be limited by
the loss of superparamagnetism, which would give rise to mag-
netic aggregation due to permanent magnetization upon
exposure to a magnetic field. Finally, although iron oxide
nanoparticles are good T2 contrast agents, they also produce a
change in T1, presenting an r1 relaxivity around 6–14 s−1

mM−1, which decreases with increasing gold nanostar size.
The r2/r1 ratio shows a slight increase, with values around
20–30 and 40–50, for 16 and 20 nm iron oxide containing
nanoparticles, respectively (see ESI,† and Table 1).

Therefore, optimization of these nanoparticles as MRI T2-
weighted contrast agents requires small gold nanostars and
large the iron oxide part, for a higher r2 relaxivity. However,
the lower size limit is restricted by decreased stability and loss

of plasmonic activity in the NIR when decreasing nanostar size
(JMNS.16.19 shows low stability under a magnetic field), as
well as by the loss of superparamagnetism above a certain dia-
meter of iron oxide.

Computed tomography

Gold nanoparticles have been shown to serve as excellent con-
trast agents for X-ray attenuation in CT imaging. They produce
higher attenuation than the current iodine-based standards,
due to their higher atomic number and electron density.55

They also show slower diffusion, thereby increasing the
measurement time window, low toxicity, and easy surface
functionalization for targeting, labeling or drug delivery.55–57

To test the efficiency of JMNSs as CT contrast agents we used
phantoms containing nanoparticle solutions at different con-
centrations and three different X-ray energies. Attenuation
coefficients were calculated as the slope of the plot of attenu-
ation vs. concentration.

Fig. 5a shows the change in contrast, as the nanoparticle
concentration was increased. The contrast efficiency, or
change in attenuation with contrast efficiency is shown in
Fig. 5b for the different nanoparticles. The highest attenuation
was obtained at 70 keV, producing contrast efficiencies around
8 HU mM−1. The lowest coefficients, around 6 HU mM−1, were
obtained at 80 keV, increasing again up to ∼7 HU mM−1 for
the highest energy of 100 keV. These results are in agreement
with the attenuation produced by gold, which in general
decreases with X-ray energy. However, a leap in attenuation is
produced above the K-shell absorption edge at 80.7 keV, which
agrees with the attenuation increase from 80 to 100 keV. Only
small differences are appreciated for different nanoparticles,
with no clear trend, in agreement with previous studies indicat-
ing that the size and shape of gold nanoparticles hardly affect
X-ray attenuation.56 Therefore, the small differences seen here
could be due to experimental errors in ICP and CT measure-
ments, and a negligible influence of the iron oxide domain.

The experimental values are of the same order as those pre-
viously reported in the literature.55 The concentrations required
to achieve a significant contrast are in general much higher
than those needed for MRI (in the mM range for CT vs. the μM
range for MRI). We thus conclude that, a high gold to iron ratio
is beneficial in dual imaging applications, where both CT and
MRI are used. As mentioned above, relatively high r2 values are
still obtained for big JMNSs, whereas smaller sizes are preferred
for slower diffusion of nanoparticles in biological systems,
meaning that a compromise is needed between the gold to iron
ratio and the total nanoparticle size.

Photoacoustic imaging

PA has emerged as an exceptional non-invasive and real-time
imaging technique that combines ultrasonic detection with
optical imaging, thereby yielding both high spatial resolution
and sensitivity.58–60 The PA mechanism involves the absor-
bance of visible or NIR light by the tissue, resulting in adia-
batic expansion after light-heat transduction, which induces
photoacoustic signals. Although several endogenous contrast

Fig. 4 Effect of JMNS morphology on r2 relaxivity values. (a) MRI
images of phantoms of aqueous solutions at different concentrations
of JMNS.16.28, showing the variation in T2 negative contrast. (b)
Measurement of relaxivities for nanoparticles with iron oxide com-
ponents of 16 nm (in red), and 20 nm (in blue) and different sizes of the
gold nanostar component, plotted as a function of gold-to-iron ratio in
the nanoparticles. Red symbols correspond to JMNS.16.25, JMNS.16.28,
JMNS.16.37, JMNS.16.43 and JMNS.16.47; blue symbols correspond to
JMNS.20.36, JMNS.20.41 and JMNS.20.43. (The two colored regions
have been included only to help the description of the trend and don’t
correspond to a model fit.)
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agents exist – such as hemoglobin, melanin, lipids or water –
and can be used to produce a PA image, the use of exogenous
contrast agents can highly increase detection depth and sensi-
tivity.58 For example, PA of nanosized contrast agents has been
used in the detection of breast cancer at a depth of 31 mm
below the surface.61 In combination with the targeting capa-
bilities of nanomaterials, the functionality of PA imaging can
be largely increased.

Gold nanoparticles are excellent contrast agents for PA, as
they show efficient photothermal conversion at the LSPR,

while avoiding the photobleaching problems of dye molecules.
Nanostars are particularly well suited for PA because they
display a strong LSPR in the NIR, as well as excellent photo-
thermal conversion.62,63 As compared to nanodumbbells, the
growth of nanostar tips is a significant advantage because the
nanoparticle adsorption window is red-shifted, thereby avoid-
ing the strong absorption by biological tissue in the visible.
We thus tested the suitability of JMNSs as contrast agents in
PA imaging. Fig. 6a shows combined ultrasound and photo-
acoustic images of phantom wells (profile view) containing a

Fig. 5 (a) Images of phantoms containing nanoparticles (JMNS.16.28), at different concentrations and X-ray energies. (b) CT contrast efficiency (in
Hounsfield unit per Au concentration in mM) of different JMNSs (as labeled on the right) at three different X-ray energies.

Fig. 6 Photoacoustic imaging using JMNS.16.37 nanoparticles as PA contrast agents. (a) Profile view of combined ultrasound and photoacoustic
images of phantoms wells (30 μL of volume) containing nanoparticle agarose solution at different gold concentrations (from 0.12 to 8 mM, left to right).
(b) Average photoacoustic signal as a function of wavelength and nanoparticle concentration. (c) Representative top-view images of phantoms of
JMNS.16.37 agarose solutions. (d) Photoacoustic signal at the maximum of signal (680 nm) and as a function of gold concentration (from 0.12 to 8 mM).
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nanoparticle agarose solution of JMNS.16.43 nanoparticles at
different concentrations (from [Au] = 0.12 to 8 mM, top-view
images of the wells at those concentrations are displayed in
Fig. 6c). In general, high contrast is observed for the concen-
trations tested. The variation of the PA signal as a function of
wavelength is in agreement with the absorbance of the nano-
particles, with a maximum around 700 nm (Fig. 6b). When the
averaged signal is plotted as a function of concentration, a
steep slope is obtained at low concentrations, representing a
good sensitivity at 0.1–0.2 mM concentrations (Fig. 6d). When
increasing JMNS concentration, the slope is found to decrease,
indicating signal saturation. This high contrast is related to
the high photothermal conversion efficiency of these nano-
particles (e.g. JMNS.16.43 has a specific absorption rate of
∼10 KW g−1 irradiated at 0.3 W cm−2, λ = 680 nm) and opens
up the possibility of simultaneous photothermal therapy and
photothermal imaging in an eventual theranostic system.
When the different tomography techniques are compared we
can observe that the concentration required to obtain high
contrast needs to be higher than that used for MRI (between
one and two orders of magnitude), but lower than that for CT
(one order of magnitude). Taking into consideration that the
concentration is expressed in terms of the concentrations of Fe
(MRI) and Au (CT and PA), a high [Au]/[Fe] ratio is convenient
for combined multimodal imaging.

Optical and electron cell microscopy

3D tomography imaging techniques offer highly valuable
information. However, these techniques usually require
additional information to help identifying the biokinetics and
nanomaterial/drug cell interaction. To this purpose, optical
and electron microscopy studies are frequently performed
in vitro or ex vivo, using cell cultures or histological tissues.
Therefore, it is highly beneficial that the nanoparticles used
for 3D imaging could also serve as contrast agents in the
different microscopy modalities.

Cell uptake of JMNSs was first analyzed by label-free
optical imaging, taking advantage of both the iron oxide and
gold domains. Compared to fluorescent labeling, this system
does not suffer from quenching by nanoparticles and poss-
ible artifacts or false labeling due to the detachment of fluo-
rescent ligands. Fig. 7a shows A549 bronchial epithelial cells
after incubation with a dispersion of JMNS in cell medium.
Cells were fixed and Prussian blue staining was applied to
localize iron containing nanoparticles. Again, the mor-
phology of the nanoparticles with an exposed iron oxide part,
rather than a complete gold shell, facilitates the reaction of
potassium ferrocyanide with iron atoms, giving rise to blue
staining of the sample where the nanoparticles are located.
Additionally, gold nanostars can be easily visualized under

Fig. 7 Cell imaging after incubation of an A549 cell culture with JMNS.16.28 nanoparticles. (a) Bright field imaging after Prussian blue staining of
the iron oxide component of the nanoparticle. Nanoparticles appear as blue-green spots within the cytoplasm of neutral red stained cells. (b) Dark
field imaging showing scattering of the gold nanostar components, which appear as bright spots inside the cells. The lack of nanoparticles in the
nuclei is indicative of nanoparticle uptake rather than nanoparticle attachment to the cell surface. (c) TEM images showing the nanoparticles as dark
spots inside a cell due to the high contrast of Au. Arrows indicate where the nanoparticles are located. The zoomed image shows the uptake of
small clusters of nanoparticles in endosomes. The iron oxide component of the nanoparticles can be distinguished in some of the nanoparticles,
indicating high intracellular stability.
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dark-field illumination, taking advantage of their high scat-
tering coefficient at wavelengths around the surface plasmon
resonance of the nanoparticles.64,65 Fig. 7b shows a dark-field
image of the same area as in Fig. 7a, where the gold nano-
stars in the JMNSs can be seen as bright gold-colored spots.
Despite the small size of the nanoparticles used (28 nm), the
scattering properties of branched gold nanoparticles66 allow
us to identify nanoparticle uptake in cells and to be distin-
guished from background scattering derived from the cell
itself.

From the analysis of both images, it can also be observed
that there is an excellent co-localization of the iron and gold
domains of the nanoprobes (blue and bright spots corres-
ponding to iron and gold probes, respectively). This is indica-
tive of the high stability of JMNSs, their two components
remaining together during cell experiments. Such high stabi-
lity was also observed during nanoparticle purification, in
which nanoparticles remained stable even under strong soni-
cation. Since optical images clearly suggest endocytosis of
nanoparticles by cells, we conducted TEM analysis of fixed
cells to verify their intracellular location. Fig. 7c shows a
representative example of an A549 cell with endocytosed
JMNSs, in which both iron oxide and gold nanostar parts of
the nanoparticles can be distinguished. No JMNSs were seen
at cell membranes and cell staining indicates endosomal
uptake.

SERS mapping

SERS imaging has been recently introduced as a promising
tool to identify the fate of nanoparticles in biomedical assays.
The use of different cell tags allows a “barcode” labeling of
gold nanoparticles (each molecule has a unique SERS finger-
print), thereby enabling the identification of different nano-
particles in multi-nanoparticle systems or multiplexing.67–69

Additionally, and in contrast to fluorescent labeling, the
Raman signal is dramatically quenched when the ligand is
detached from the nanoparticle surface, thereby preventing
the possibility of imaging artifacts. Anisotropic gold nano-
particles such as nanotriangles, nanorods and nanostars
have all been shown to be excellent nanoprobes for SERS
due to the presence of intrinsic hot spots at sharp tips
and edges.70,71 Nanostars in particular have attracted much
interest for SERS bio-imaging, due to tunable LSPR bands
in the NIR, thus matching the biological transparency
window.72,73

To test the potential of JMNSs for SERS imaging, the nano-
particles were functionalized with the Raman reporter 4-mer-
captobenzoic acid (4-MBA). This standard molecule attaches
covalently to the gold surface (thiolated bond), does not com-
promise the colloidal stability of the nanoparticles and
hamper nanoparticle aggregation due to its deprotonated
state at neutral pH (negative charges of carboxylate groups).
A549 cells were subsequently incubated with functionalized
JMNSs, 4-MBA-JMNS.16.28, washed and then imaged by
Raman microscopy by recording the SERS fingerprint at a
defined area. An image map (Fig. 8a) was then generated by
selection of the Raman signal at 1078 cm−1, corresponding to
the ring stretch vibration mode of 4-MBA (peak labeled with
arrow in Fig. 8b), and overlaid in Fig. 8a with the trans-
mission light microscopy image of the cell culture. Red pixels
corresponding to high intensity SERS signals (see scale bar),
indicating the presence of 4-MBA-labeled nanoparticles
within the cell areas while no nanoparticles were observed
outside of the washed cells. In this experiment, higher
signals would be expected for nanoparticles with a larger
gold nanostar domain,70,71 but even nanostars as small as
28 nm were found to provide a readable signal for SERS
mapping.

Fig. 8 (a) SERS image of A549 cells after incubation with 4-MBA labeled JMNS (4-MBA-JMNS.16.28). The SERS image is based on the Raman peak
of 4-MBA at 1078 cm−1, see signal labeled with black arrow in (b), and is presented as an inset on the optical microscopy image. (b) SERS spectrum
of the pixel inside the cell indicated by the white cross in (a).
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Conclusions

Janus magneto-plasmonic JMNSs have been shown to be
highly versatile and compact nanoparticles that integrate
superparamagnetism and plasmonic responses at the NIR bio-
logical transparency window. Furthermore, their two chemi-
cally distinct surfaces allow easy functionalization. These fea-
tures render JMNSs excellent candidates for biomedical appli-
cations such as photo- and magneto-thermal therapies, or tar-
geted and controlled drug delivery. Their use as contrast
agents in multimodal imaging enables the use of complemen-
tary techniques to obtain maximum information. We demon-
strated the use of JMNSs in several imaging techniques, such
as MRI, CT, PA, optical imaging under bright and dark field
illumination, TEM and SERS imaging. Compared with core–
shell nanoparticles, the Janus morphology resulted highly bene-
ficial in several aspects, offering high availability of the iron
oxide surface, which consequently gives rise to high r2
relaxivity values and Prussian blue staining ability. On the other
hand, when compared with conventional Janus dumbbell-like
nanoparticles, the nanostar morphology enables their use in
photoacoustic and SERS imaging in the NIR biological
window. We propose that their use could be easily translated
to other techniques, such as NIR optical tomography, ultra-
sound, magnetophotoacoustic, or photothermal imaging,
among others. Furthermore, their easy functionalization could
also allow complementary imaging such as PET, SPECT, or
fluorescent imaging. Finally, their Janus character could be
further exploited in biomedical applications where an asym-
metric positioning of functional groups may produce specific
interactions with biological entities, in analogy to proteins.

Experimental
Synthesis

Chemicals. All chemicals were used as purchased without
further purification: hydrogen tetrachloroaurate(III) trihydrate
(99.99%, Alfa Aesar), oleylamine (80–90%, Acros Organics),
1-octadecene (90%, Aldrich), oleic acid (90%, Aldrich), iron(0)
pentacarbonyl (99.99%, Aldrich), 1,2-hexadecanediol (90%,
Aldrich), methoxypolyethylene glycol acetic acid (80%, Mn =
5000 g mol−1), polyvinylpyrrolidone (Mn = 10 000 g mol−1,
Aldrich) thiol-terminated PEG (Mn = 750 g mol−1, Polymer
Source), 4-mercaptobenzoic acid (90%, Aldrich), additional sol-
vents were reagent grade from Aldrich.

Asymmetric dumbbells
16 nm iron oxide. The synthesis of these heterodimers was

performed as previously reported.26 Briefly, for the 15 nm iron
oxide part. A solution in 1-octadecane (40 mL) was prepared
containing oleic acid (6 mmol, 1.90 mL), oleylamine (6 mmol,
1.97 mL) and 1,2-hexadecanediol (10 mmol, 2.58 g) and stirred
for 20 min at 120 °C under N2. Fe(CO)5 (0.3 mL) was then
injected and after 3 min a solution containing HAuCl4·3H2O
(0.1 mmol) dissolved in a mixture of oleylamine (0.5 mL) and
1-octadecane (5 mL) was injected and heated up to 300 °C at

approximately 1 °C min−1. The solution was left to react for
45 min under magnetic stirring. After cooling down, the dis-
persion was exposed to air for 30 min to cause Fe oxidation.

20 nm iron oxide. A solution in 1-octadecane (47 mL) was
prepared containing oleic acid (6 mmol, 1.90 mL), oleylamine
(6 mmol, 1.97 mL) and 1,2-hexadecanediol (10 mmol, 2.58 g)
and stirred for 15 min at 160 °C under N2. Fe(CO)5 (2 mL) was
then injected and after 3 min a solution containing
HAuCl4·3H2O (40 mg) dissolved in a mixture of oleylamine
(0.5 mL) and 1-octadecane (3 mL) was injected and heated up
to 310 °C at approximately 3 °C min−1. The solution was left to
react for 45 min, under mechanic stirring. After cooling down,
the dispersion was exposed to air for 30 min to cause Fe
oxidation.

Purification. To purify the nanoparticles, 50 mL of iso-
propanol was added and the solution centrifuged at 4500g for
30 min. The nanoparticles were cleaned two more times after
redispersion with hexane and aggregation with isopropanol.
Finally oleylamine (100 μL) was added to store the nano-
particles for long periods of time in a hexane–chloroform
solution.

Janus magnetic nanostars. The nanodumbbells were
cleaned three times in ethanol and redispersed in chloroform
to remove as much as oleylamine as possible. Finally they were
redispersed in chloroform at a concentration of approximately
2 mg mL−1. A small quantity of carboxyl terminated PEG was
added to the solution (to have approximately 2 mg mL−1 of
polymer) and left for 1 h. This step was performed to obtain a
good dispersion when the seeds were added to the DMF gold
solution.

A solution of HAuCl4·3H2O (2.184 mL, 50 mM) was added
to a solution containing polyvinylpyrrolidone (PVP) (40 g, MW
= 10 kg mol−1) dissolved in DMF (400 mL). The solution was
left stirring to allow gold salt prereduction from Au3+ to Au+ as
described elsewhere,73 (this time was highly dependent on the
PVP batch and needed to be adjusted by UV-vis, in this case it
was 5 min). The dumbbell nanoparticle solution (at different
volumes) was then quickly added and the reaction was left
reacting for 1 h, showing a fast color change into blue. The
nanoparticles were purified in 4 centrifugation cycles, re-
dispersed 2 times in ethanol and 2 times in water and at a rela-
tive centrifugation force of 2500–4000g, depending on the
nanoparticle size. The nanoparticles were finally redispersed
in 40 mL of ultrapure water.

The volume of seeds was: JMNS.16.47 (0.25 mL);
JMNS.16.43 (1 mL); JMNS.16.37 (2 mL); JMNS.16.28 (4 mL);
JMNS.16.25 (8 mL); JMNS.16.19 (this was a scaled down reac-
tion, 80 μL of seeds in 2 mL of DMF, 0.2 g of PVP, 10 μL of
gold salt); JMNS.20.41 (0.5 mL) JMNS.20.36 (2 mL) JMNS.20.43
(4 mL).

Functionalization for SERS. Nanoparticles JMNS.16.28
were functionalized with 4-mercaptobenzoic acid (4-MBA),
which acted as SERS tag, and with thiol terminated polyethyl-
ene glycol (PEG) to enhance colloidal stability. The nano-
particles were incubated overnight with an aqueous solution
containing both ligands at a concentration of around ∼50
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ligands per nm2 and a ratio 4-MBA : PEG 4 : 1 (1 mL of
JMNS.16.28 [Au] = 1.95 mM, and 4.3 and 5.2 μg of MBA and
PEG respectively). Diluted NaOH (0.2 M) was added drop-wise
to 4-MBA (until it was completely dissolved) before adding it
to the nanoparticle solution. The final nanoparticles were
washed by two centrifugation cycles in water and finally re-
dissolve in 200 μL of milliQ water. The binding of 4-MBA to
the nanoparticle surface was checked by measuring the SERS
signal of the nanoparticle solution and identifying the 4-MBA
typical peaks.

Magnetic characterization

Hysteresis loops at room temperature were measured in a
home-made Vibrating Sample Magnetometer (VSM) with a sen-
sitivity of 5 × 10−6 emu up to a maximum field of 18 kOe.

The measurements of magnetization vs. temperature at
10 Oe were carried out in the temperature range of 5–300 K
using a Quantum Design MPMS3 VSM-SQUID magnetometer
with a sensitivity of 10−8 emu up to a maximum field of 7 T.

Using a Non-Interacting Super-Paramagnetic model to fit
the obtained M(H) curves, an effective magnetic size of the par-
ticles was estimated. This approach neglects interparticle
interactions that tend to reduce the initial susceptibility
(slope of M(H) at low fields) and therefore the mean apparent
size. Fitting of the magnetization vs. temperature, ZFC/FC
measurements, in the framework of the Non-Interacting
model was also performed. The applied models and the fitting
of the different graphs are described in the ESI.† For the
fittings a saturation magnetization value of 400 emu cm−3 was
assumed.

ICP-MS

The solution for Inductively coupled plasma mass spec-
trometry (ICP-MS) was prepared by adding aqua regia to a solu-
tion of nanoparticles, approximately at 15%. Dilutions of the
sample were prepared and all of them were analyzed and quan-
tified. An internal standard was carried out adding 100 μL of
yttrium at 500 ppb.

The analysis was performed by ICP-MS with a helium col-
lision cell. The measured selected isotopes to perform the
quantification were 57Fe, 197Au, at concentrations of
0.2–1000 μg L−1. Table 1 shows the Au/Fe ratios measured by
ICP for nanoparticles with 15 and 20 nm iron oxide respect-
ively and different nanostar sizes.

TEM

TEM bright field images were acquired in a JEOL
JEM-1400PLUS instrument operating at 120 kV, after nano-
particles were deposited on a carbon-coated TEM grid. The
nanoparticles were analyzed with the Image J software
package. TEM images and final sizes are available in the ESI†
and in Table 1.

High-resolution images and EDX mapping were obtained in
a JEOL JEM-2100F UHR (80 kV–200 kV), equipped with STEM
(BF & HAADF) and OXFORD INCA EDXS systems, and a TVIPS
F216 CMOS camera (2k × 2k).

MRI

Proton relaxation times T1 and T2 were measured at 1.5 Tesla
in a Bruker Minispec NMR spectrometer. Solutions of nano-
particles were prepared at 4–5 different concentrations (see
ESI†) and were analyzed at 37 °C using the methods described
elsewhere.74 Relaxivity values r1 and r2 were obtained from the
slopes of the curves 1/T1 and 1/T2 vs. the concentration of
Fe expressed in mM, respectively. The 1/T1,2 vs. concentration
plots are represented in the ESI.† Imaging of phantoms was
performed using a 7 T BioSpec 70/30USR (Brucker) in 200 μL
solutions of ND.16.28 at different nanoparticle concentrations.

CT

Nanoparticles were diluted at several concentrations (see ESI†)
and the coefficient of attenuation was calculated from the
slope of attenuation vs. Au concentration (see ESI†).

CT images were acquired using the eXplore speCZT CT pre-
clinical imaging system (GE Healthcare, Milwaukee, USA). The
acquisition protocols were implemented by the vendor and
could not be modified. The protocols employed in terms of
X-ray tube voltage and current were: (1) 70 kV, 32 mA; (2) 80
kV, 32 mA; and (3) 100 kV, 50 mA. For protocol 1 and 2, the
acquisition consisted of 220 views were acquired in 0.88° incre-
ments around the phantom with 16 ms exposure per view. In
case of protocol 3, 360 views were acquired in 1° increments
with 20 ms exposure per view. The CT images were re-
constructed using a cone beam filtered back-projection
Feldkamp algorithm into 437 × 437 × 523 array with a voxel
size of 0.2 × 0.2 × 0.2 mm for data collected with protocol 1
and 2, and into 875 × 875 × 1047 array with voxel size of
0.1 × 0.1 × 0.1 mm for data collected with protocol 3.

Photoacoustic imaging (PA)

The PA measurements were acquired using the Vevo LAZR
Photoacoustic Imaging System (FUJIFILM VisualSonics Inc.,
Toronto). An ultrasound transducer with an operating fre-
quency range of 13–24 MHz was used to receive photoacoustic
signals generated from the nanoparticles. A tunable Nd:YAG
laser excitation system was used to induce NIR laser in the
wavelength range of 680–970 nm. Vevo® LAB software
(FUJIFILM VisualSonics Inc., Toronto) was used to reconstruct
the ultrasound and photoacoustic images from the acoustic
signals. The phantoms were prepared mixing the nano-
particles in aqueous dispersion with a 1.5% agarose water-
based solution at different concentrations of Au, and then
transferred into 20–50 μL wells embedded in a solidified 1.5%
agarose gel.

Cell cultures imaging

Sample preparation and optical imaging. A concentrated
solution of 4 MBA-functionalized nanoparticles JMNS.16.28
[see synthesis, [Au] ∼ 1 mM] was diluted in cell media (DMEM
containing fetal bovine serum and penicillin–streptomycin to
final concentrations of 10% and 1% respectively) to reach a
concentration of 50 μM, prior to the incubation experiment.
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Adenocarcinomic human alveolar basal epithelial cells
(A549) cells were grown on glass slides in a 24-well plate and
incubated with the NP solution (25 μL NP per well) overnight.
Samples were washed with PBS to remove non-endocytosed
NPs and fixed in 4% formaldehyde. Samples were stained with
a 1 : 1 solution of 4% w/v Prussian yellow and 4% v/v HCl for
30 minutes at room temperature. Samples were thoroughly
washed with water followed by neutral red counter stain
(2 mg mL−1, 20 seconds). Samples were again thoroughly
washed and then mounted on glass cover slips. The samples
were imaged with a Nikon microscope using a dry 60× objec-
tive and dry condenser moving to high (bright field) or low
(dark field) positions. Exposition time was set at 0.08 s and
neutral density filters used.

TEM cell imaging. A549 cells were incubated overnight with
4-MBA functionalized nanoparticles JMNS.16.28 at a final con-
centration of 50 μM. Cells were trypsinized and fixed in 0.1 M
Sorensens buffer with 2% formaldehyde and 2.5% glutaralde-
hyde. Cells were transferred to a 2% molten agar solution and
once hardened, small 1 mm3 pieces were cut and pre-stained
with a 1% solution of osmodium tetraoxide, OsO4, in
Sorensens buffer. After 1 h staining at 4 °C, samples were
washed and an ethanol dehydration series followed by two
100% acetone washes was carried out. Samples were
embedded in Spurrs resin (EMS) and cured overnight at 60 °C
before 100 nm slices were cut using a Leica Ultramicrotome.
Slices were transferred to carbon-coated grids and imaged with
a JEOL JEM-1400PLUS TEM operating at 120 kV.

SERS mapping

SERS mappings were performed by means of a confocal
Raman microscope (Renishaw inVia) equipped with a 1024 ×
512 CCD Peltier-cooled detector using the 785 nm excitation
laser with maximal output of 270 mW combined with a
1200 grooves per mm diffraction grating and a 40× water
immersion objective (numerical aperture of 0.8).

A549 cells were grown on a quartz glass slide and incubated
overnight 4-MBA functionalized JMNS.16.28 nanoparticles,
prepared as described above, followed by washing with
warmed media to remove non-uptaken NPs. The SERS
measurement was performed using living cells within a home-
build dish (diameter 9 mm, volume of 250 μL) having a Quartz
glass slide support. SERS maps were recorded on a 1 × 1 μm
grid for 1 s per pixel at a laser power of 16 mW (measured at
surface in air), after signal intensity optimization of the verti-
cal z position.
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